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Abstract

Amyotrophic Lateral Sclerosis (ALS) is fatal neurodegenerative condition characterised by
the loss of upper and lower motor neurons (MNs). Given that synapses and astrocytes
regularly interact in the healthy spinal cord, and that pathology involving both has been
reported in ALS, we posited that synaptic and astrocytic mechanisms may be intrinsically
linked. One essential astrocytic function is synaptogenesis. Hyperexcitability of pre-MN
networks has been observed in ALS, with a possible basis of this change being perturbed
astrocytic synaptogenesis causing an early non-cell autonomous shift in excitatory :
inhibitory (E:1) synaptic ratios. To look at this, we developed and validated a novel postnatal
primary co-culture system of spinal astrocytes and neurons. These cultures were generated
using multiple ALS mouse models bred with animals expressing a GFP tag on the
postsynaptic density protein PSD95, with immunocytochemical targeting of presynaptic
protein synapsin, and inhibitory postsynaptic protein gephyrin. We found that no combination
of neuron or astrocyte genotypes altered E:| ratios in both SOD1%%*4 and CO9BAC500 co-
cultures. This lack of E:l ratio change was also seen in SOD1%%4 spinal cords after the peak
of postnatal spinal synaptogenesis, and in human ALS patient iPSC-derived MN / astrocyte
cultures. Post-synapse formation, however, astrocytes also interact with mature synapses at
structures called tripartite synapses. As dysfunction at tripartite synapses has previously been
reported, we investigated these structures throughout disease progression in SOD16%3A
PSD95-eGFP animals. Using multiple markers for perisynaptic astrocytic processes, the
motile elements that envelop synapses, we observed consistent loss of tripartite synapses at
the early symptomatic stage of 16W. Non-tripartite synapses, however, remained similar in
number to controls. This was replicated in human ALS post-mortem tissue. We therefore

conclude that although we find no evidence that astrocytes are driving early E:I ratio shifts,



we reveal that later in pathogenesis tripartite synapses appear to be a vulnerable fulcrum of

disease in ALS.
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1. Amyotrophic Lateral Sclerosis — A Heterogeneous Disease

1.1. Definition

Amyotrophic lateral sclerosis (ALS) was first described as such in 1874 by prolific
neurologist Jean-Martin Charcot, who noted degeneration in the anterior spinal cord resulting
in muscle atrophy (hence ‘amyotrophic’), in addition to scar-like lesions in the descending
corticospinal axons of the lateral spinal cord (hence ‘lateral sclerosis’) (Kumar et al., 2011;
Taylor et al., 2016). It is a progressive neurodegenerative condition, associated with the loss
of multiple cell types. These include ‘lower motor neurons’ (LMN) (or ‘true’ motor neurons
which project directly to muscles) in the brainstem and spinal cord, and “upper motor
neurons’ (UMN) in the brain (which coordinate lower motor neuron activity to create the
muscle contractions) (Hardiman et al., 2017; Purves et al., 2011). This leads to loss of muscle
innervation, muscle atrophy, and death 3-5 years later, usually due to loss of diaphragm
function (Brown and Al Chalabi, 2017). While this is a classical description of an ALS
phenotype, in reality the disease displays a remarkable degree of heterogeneity. Such
variability includes initial symptom presentation, time of onset and which genetic mutations
(if any) contribute. This heterogeneiety has led to changes in the diagnosis of ALS patients

over time.

1.2.Clinical Presentation

Due to a lack of available biomarkers, clinical diagnosis of ALS is reliant on detection of
both LMN and UMN degeneration. The degree to which this degeneration is biased towards
one or the other is not consistent between patients, however (Geevasinga et al., 2016). Thus,

this is how we arrive at the classical, generalised definition of ALS mentioned previously.
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But in reality, the experience of patients varies greatly, and as will become apparent in many
aspects of the disease, this heterogeneous presentation creates difficulties for those trying to
understand its mechanisms. The first point of variability is the area of ALS onset. The
majority of ALS cases (approximately 70%) are described as ‘spinal onset’, whereby patients
experience unilateral symptoms of muscle weakness which may occur proximally in the
upper and lower limbs, or in the distal muscles (Shellikeri et al., 2017; Wijeskera and Leigh,
2009). This is accompanied by fasciculations (involuntary muscle twitching), hyperreflexia
(overresponsive reflexes) and sometimes hypertonia (overly rigid / stiff muscles) (Swinnen
and Robberecht, 2014). On the other hand, 20-30% of patients have ‘bulbar onset” ALS,
characterised by dysarthria (slow / slurred speech), dysphagia (difficulty in swallowing) and
tongue fasciculations (Swinnen and Robberecht, 2014; Yunusova et al., 2019). There even
exists an extremely rare subtype of respiratory onset ALS with severe breathing difficulties
(Chio et al., 2011). Age of onset too is extremely variable. While most patients are diagnosed
in their 50s or 60s, ALS can present early in life, with ‘juvenile ALS’ representing a

diagnosis before the age of 25 (Sabatelli et al., 2008).

In addition to motor symptoms, there is a significant proportion of patients who also
experience cognitive decline to some degree. Approximately 15% of ALS patients meet the
clinical threshold for Frontotemporal Dementia (FTD), which requires deterioration of
recognised behavioural characteristics as well as neuroimaging demonstrating cortical
atrophy (Bott et al., 2016; Henstridge et al., 2018). FTD itself is a group of disorders broadly
divided into two forms: Behavioural FTD and Language FTD. The first is associated with
disinhibition, delusions, increased apathy and loss of empathy, while the latter is
characterised by progressive aphasia (Young et al., 2018). With the acknowledgement that a

large proportion of patients display elements of both FTD and ALS, in addition to the
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discovery that C9orf72 mutations can be a feature of both, it is now widely agreed that FTD
and ALS exist on a clinical spectrum. This posits that most patients’ symptoms exist between
the extremes of purely cognitive and purely motor dysfunction (Balendra and Isaacs, 2019;
Ferrari et al., 2011; Lillo and Hodges, 2009). This is further supported by pathological
overlap between the conditions, including TDP-43 mislocalisation and taupathy (Behrouzi et

al., 2016; Mackenzie and Rademakers, 2010).

1.3. Epidemiology

Studying the presentation of ALS across the world is informative in several ways. Detailed
geographic information regarding incidence (i.e. the number of new cases diagnosed) and
prevalence (i.e. the number of people living with a condition) aid in identifying how
characteristics of these areas (e.g. race, diet, localised environmental factors) may contribute
to likelihood of disease development. Current epidemiological data does suggest that there is
variability in ALS incidence across the globe. Incidence is estimated to range approximately
from 2-3 per 100,000 people in Europe, with Scotland reported to have a figure at the high
end of this range (Couratier et al., 2015; Longinetti and Fang, 2019). However, some areas
show significantly lower (e.g. region previously known as Yugoslavia) or higher (Faroe
Islands) incidence rates (Alcaz et al., 1996; Joensen, 2011). Prevalence, however, is
approximately 7-9 per 100,000 people, reflecting the mean 30-month life expectancy
following 1% symptom onset (Hardiman et al., 2017). Outside of Europe, prospective
population-based studies in South America have been limited to Uruguay, which was shown
to have ALS incidence similar to a French population (believed to be due to Uruguay
containing many peoples of European-origin) (Couratier et al., 2015). Studies in Asia are also

distinctly limited. Some studies in the Korean peninsula and China report much lower
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incidence (approximately 1 per 100,000 people) (Longinetti and Fang, 2019). This has led to
the suggestion that there is a significant difference in ALS likelihood between Asian and non-
Asian populations. To further this, it has been posited that ancestral origin is intrinsically
linked to ALS risk. For example, native American and Alaskan peoples show a low incidence
of 0.63 /100,000, whereas countries with somewhat homogenous European ancestry (e.g.
Scotland) are much higher (Gordon et al., 2013; Hardiman et al., 2017). Variability of
incidence across the globe cannot be attributed solely to ancestry, however, with abnormally
high figures approaching 100 times other areas of the world in the small populations of Guam
(Koerner, 1952) and the Kii Peninsula of Japan (Ishiura et al., 2012). This reduced by the
1980s, with previously high incidence in Guam believed to be due (at least in-part) to defects
in mineral metabolism brought about by the unique composition of the water and soil
(Garruto et al., 1985). This demonstrates that epidemiological work can also help identify
localised environmental factors than may contribute to ALS incidence. Together, it does
appear to be the case that there is some degree of variability in ALS incidence between
geographical regions. However, limitations in population-based studies, mainly variability in
the success of incomplete capture estimations (Hook and Regal, 1995; Yeo et al., 2010), and

a lack of evidence outside of Europe limit concrete conclusions being drawn.

1.4. Neuropathological Features

Obvious neural correlates of motor dysfunction are seen at the cellular level. A decrease in
the size of the anterior (ventral) horn of the spinal cord, presumably caused by the loss of
large alpha motor neurons, as well as a wider-scale reduction of other ventral interneurons is
evident. In particular, alpha MNs innervating fast-twitch muscle fibres are most vulnerable to

degeneration, whilst MNs in the oculomotor, abducens and Onuf’s nuceli are generally

19



spared (Ragagnin et al., 2019). Brainstem cell loss in the lower cranial motor nuclei and loss
of Betz cells in layer V of the primary motor cortex can be seen too, in addition to loss of
myelinated axons in the lateral/anterior columns of the spinal cord (Saberi et al., 2015). In
addition, it is common to see the presence of reactive astrocytes surrounding degenerating
neurons of the ventral horn (easily identifiable by dramatic upregulation of glial fibrillary
acid protein (GFAP)) (Trias et al., 2018). Reactive microglia are also a characteristic feature,
with particularly prevalent microglial activation being seen in severe UMN-damaged patients

(Lasiene and Yamanaka, 2011).

At the sub-cellular level, the presence of abnormal proteinopathies and RNA aggregation are
present in patients, however, there does exist a degree of heterogeneity here also. Ubiquitin
+ve cytoplasmic aggregates in the ventral horn cells of both sporadic (SALS) and familial
(FALS) patients were an early identified pathogenic feature. Such inclusions were later found
in other areas such as the frontal and temporal cortices, and in other cells types including glial
cells (Saberi et al., 2015). The main component of these aggregates was found to be TDP-43,
a nuclear TAR DNA-binding protein involved in splicing regulation and transcriptional
control (Arai et al., 2006). These aggregates are present in 95-97% of ALS cases, and their
formation appears to follow mislocalisation of TDP-43 from the nucleus to the cytoplasm
(Hardiman et al., 2017; Suk and Rousseaux, 2020; Wijesekera and Leigh, 2009). There are,
however, other aggregates that have been described that are less universal and appear in a
subset of ALS cases, including those harbouring superoxide dismutase 1 (SOD1) mutations
(Ince et al., 1998). SOD1 patients have been shown to exhibit aggregates of misfolded mutant
cytoplasmic SOD1, however, recent work showed that sporadic ALS post-mortem tissue also
showed diffuse staining of misfolded wtSODL protein (Paré et al., 2018). ALS patients with

pathogenic hexanucleotide repeat expansions (HRE) of the C9orf72 gene have structures
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called ‘RNA foci’, whereby the abnormally long HRE mutant RNA strands aggregate in the
nucleus, and in doing so sequester important RNA-binding proteins. Both the sense and anti-
sense strands form distinct foci, interestingly generally in separate cells (Kumar et al., 2017).

Figure 1 summarises the major neuropathological features of the ALS spinal cord.

Figure 1: Schematic demonstrating key neuropathological features of ALS. These
include: (1) ventral MN and interneuron degeneration, (2) reactive astrocytes and
microglia, (3) cytoplasmic protein aggregation (may be TDP-43 or SOD1) and (4)
C90rf72 RNA foci.
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1.5.1. Genetics

When the heterogeneity of ALS is discussed, often the genetic contribution is at the forefront
of conversation. The genetic contribution to ALS is complex and highly variable between
patients. One of the first things to note is the distinction between ‘familial’ and ‘sporadic’
ALS, with fALS cases representing approximately 10% of the total cases, and sporadic cases
SALS representing the vast majority (Alsultan et al., 2016). This presents an initial gulf
between patient types, however, it should be noted that the percentage of familial cases could
be underestimated to a greater or lesser degree. Multiple factors could lead to a gross
underestimation of fALS cases, including no strict definition for what qualifies as ‘family
history’ in fALS, as well as the known incomplete penetrance of many key mutations
including SOD1 and C90rf72 which may result in ‘skipping’ of a generation (Anderson et al.,
2004; Mathis et al., 2019; Murphy et al., 2017; Turner et al., 2017). Likely partially as a
result of this, SALS patients do not necessarily lack mutations, with approximately 10% of
cases known to have a genetic basis (Renton et al., 2013). Twin studies have approximated
SALS heritability at 60%, so it is accepted that many genetic risk factors are likely involved
(Mejzini et al., 2019). This large difference between the presence of genetic mutations in
SALS and estimated heritability may be due to a number of factors. Large-scale association
studies such as GWAS (genome wide association studies) typically rely on high throughput
short read sequencing which is ideal for identification of single-nucleotide polymorphisms
(SNPs), however, not for other structural variations (e.g. deletions, insertions) which may be
contributing to ALS risk. Such structural variations include long repeats, the pathogenic
hexonucleotide GGGGCC C9orf72 repeat being a known example in ALS. In addition, it is

possible that ALS is oligogenic (i.e. a trait influenced by multiple genes), which can be
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challenging to detect when secondary mutations are rare or fail to be picked up due the

previously mentioned limitations of short read sequencing (Mejzini et al., 2019).

Over 25 ALS-linked genes are currently known (Nguyen et al., 2018), with some of the most

common mutations highlighted below in Table 1.

Gene (Encoded Basic Function

Protein)

C9orf72 (C90rf72) Unclear (Implicated in
endosome trafficking, RNA
metabolism and autophagy)

SOD1 (superoxide Antioxidant (reduction of

dismutase 1) superoxide to H,O, + Oy)
TARDBP (TAR
DNA-binding RNA-binding protein
protein 43)

FUS (FUS/TLS) RNA-binding protein

OPTIN Autophagy
(Optineurin)
VCP (Valosin- Proteasome function and

containing protein) autophagosome maturation

No. Known
Mutants
Variable no.
hexanucleotide

repeats
(GGGGCC)

>185

>40

>40

Proportion of Patients

fALS SALS
40-50% 10%
20% 2%
5% <1%
5% <1%
4% <1%
1-2% <1%

Tablel: Summary of some of the most prevalent ALS-linked mutations. (Balendra and Isaacs,
2019; Hardiman et al., 2017; Taylor et al., 2016; Umoh et al., 2016)

Two of the most common are SOD1 and C9orf72 mutations. SODL is present in healthy cells

as a stable homodimer in the cytosol and mitochondrial intermembrane space, where it

catalyses the conversion of the reactive oxygen species (ROS) superoxide to oxygen and

hydrogen peroxide (Mathis et al., 2019). Although this suggests an obvious potential disease

23



mechanism, there appears to be little correlation between disease severity and enzyme
activity, so instead, a toxic gain-of-function mechanism is believed to be involved. Mutations
are believed to cause conformational / functional changes that may induce toxicity by various
mechanisms including ER stress and mitochondrial dysfunction (Mejzini et al., 2019). In
addition, insoluble SOD1 aggregates have been proposed as a mechanism of cellular stress
common to both sporadic and familial ALS (Par¢ et al., 2018). C9orf72’s healthy
physiological function is still unknown , however, it is believed to aid in regulation of RNA
metabolism and endosomal trafficking (Balendra and Isaacs, 2019). Abnormalities in
C90rf72 is the most common genetic basis of both SALS and fALS. The presence of the
hexanucleotide GGGGCC expansion may contribute to disease development in a number of
ways, and it is yet to be concluded which of these suggested mechanisms contribute to
disease severity, and by what degree. These include; (1) decrease in C9orf72 expression
(haploinsufficiency), (2) formation of aggregated sense (G4C;) and antisense (G2Ca) nuclear
RNA foci and (3) formation of repeat dipeptides via repeat-associated non-ATG (RAN)
translation (Gendron and Petrucelli, 2018) (see Fig. 2). In addition, changes in epigenetic
regulation of gene expression have been implicated in ALS, including altered DNA
methylation patterns (Bennett et al., 2019). The various ways in which these mutations may

contribute to suggested disease mechanisms is discussed further in Section 2.
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(1) . (3) Repeat
Haploinsufficiency (2) RNA Foci Dipeptides
GGGGCCGGEGEGCCGGEGEGELC

ﬂ RAN TRANSLATION

(GR) (GP) (GA)
Antisense RNA |
ﬂ ALS CCCCGGCCCCGGCCCCGG

ﬂ RAN TRANSLATION

(GP) (PR) (PA)

Figure 2: Schematic showing mechanisms of C9orf72 toxicity. These include: (1)
haploinsufficiency of the C9orf72 protein, (2) formation of sense and antisense RNA foci
and (3) formation of a number of RAN-translated repeat dipeptides. (3) also demonstrates
the variety of poly (XX) proteins that can be produced from sense and antisense C9orf72
hexanucleotide repeat expansions. Repeat dipeptide schematic adapted from (Braems et
al., 2020).

1.5.2. Mouse Models of ALS

More recent ALS work uses a variety of models to investigate disease mechanisms. These
include the use of induced pluoripotent stem cell (iPSC)-derived MNs, which allow for the
conversion of patient fibroblasts to physiologically active MNs, enabling human cells to be
studied in vitro (Lee and Huang, 2017). Modelling fALS using mutant human genes
expressed in mice is still a common way of studying ALS, however. This is due to the
benefits of studying ALS in a complete spinal system during disease development, in addition
to some models’ ability to robustly recapitulate pathological hallmarks and motor

phenotypes. Due to mutations in SOD1 being the first to be associated with ALS (Rosen et
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al., 1993), development of animal models based upon this led to over 10 variations of SOD1
mutant models, including one which has been used as the standard model for ALS rodent
research since. Gurney and colleagues (1994) developed and described the SOD1%%*4 mouse,
with a human version of the SOD1 gene containing a guanine-to-alanine substitution at
residue 93. This is randomly inserted into mouse chromosome 12 in an array of
approximately 25 copies (this may vary, and copy humber can be unstable between
generations) (Acevedo-Arozena et al., 2011). These mice develop hind limb weakness around
85-100 days, which develops into full hind-limb paralysis, with an attenuated mean life span
of approximately 120-160 days (Acevedo-Arozena et al., 2011; Bame et al., 2012; Kim et al.,
2016). It should be noted, however, even when copy number is consistent, there is
considerable variation in disease onset and survival rate between different background strains
of mice, which further interacts with animal gender (males show shorter lifespan and earlier
onset) (Heiman-Patterson et al., 2011; Pfohl et al., 2015). These animals show dramatic
lumbar ventral horn neuron loss, early-onset astrogliosis and microgliosis, axonal transport
deficits, mitochondrial dysfunction and end-stage TDP-43 mislocalisation (Kim et al., 2016;
Philips and Rothstein, 2016; Shan et al., 2009). Due to the robustness of their phenotype, this
model has been consistently used and has led to many key findings in the ALS field over the
last 20+ years. More recently it has received criticism, a point of concern in particular is the
gross overexpression of human protein (Acevedo-Arozena et al., 2011), with some suggesting
that the observed phenotype is more the result of high protein load, and therefore is less

informative regarding human disease progression.

Utilising other known ALS genes has been more of a challenge, with few other models being
used to the same degree as SOD1¢% either due to their inability to recapitulate sufficient

ALS phenotypes, or the inability to produce a model using a mutation that is present in
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significant numbers of ALS patients. In 2016, characterisation of a new mouse model
harbouring the human C9orf72 hexanucleotide repeat was published by Liu and colleagues
(2016). The most effective model trialled was the CO9BAC500 mouse which expressed one
transgene copy with 500 G4C repeats. This mouse showed particular disease severity in
female mice, with approximately 30-35% of females developing an ‘acute’ motor phenotype
of limb weakness, paralysis and decreased survival between 20 and 40 weeks. Additionally, a
large proportion of animals showed a more progressive phenotype, with 46% of females
being symptomatic at 1 year of age. Acute end-stage animals showed reduced numbers of
choline acetyltransferase (ChAT) +ve motor neurons, as well as NeuN +ve interneurons in
the lateral and posterior horns. From 2 months of age, sense and anti-sense RNA foci were
present throughout the CNS, including layer V of the frontal cortex and in the lumar spinal
cord. Acute end-stage animals were positive for RAN dipeptide aggregation, as well as TDP-
43 cytoplasmic inclusions. Whilst relatively new, it has attracted significant attention as an
alternative to SOD1%%A that may represent a larger proportion of ALS cases. However, the
phenotypic penetrance of this model appears to be variable, with some groups showing little-
to-no emergence of ALS symptoms in their cohorts (Mordes et al., 2020; Nguyen et al.,

2020).

2. Proposed Disease Mechanisms — Needle in a Haystack?

2.1. Review of Major Suggested Pathological Mechanisms

When causative mechanisms are discussed in ALS, it is easy to draw parallels with the

difficulties of other neurodegenerative fields such as Alzheimer’s Disease. A large number of

cellular systems have been shown to fail to some degree (most of which have been elucidated

27



with the use of the SOD1%*4 model). It may initially be puzzling why so many systems
could be involved in pathogenesis, with the range of causative genetic mutations alone
encoding proteins belonging to a wide range of cellular machinery, despite the cell types
dying being relatively conserved. It may be the case therefore, that heterogenous initial
triggers of disease (be that a specific point mutation or the result of a wider risk factor) cause
a primary effect, which may then cause resultant secondary effects and homeostatic
adjustments in other cellular systems in a complex manner. Such wide-scale dysfunction
spreading across cellular machinery then ultimately arrives at similar final disease pathways
between patients. As a result, it is difficult to determine if the disease mechanisms discussed
below are strictly causative, or simply accelerate the cell death contributed to by dysfunction
in other systems. Consequently, we also cannot assume that all of these mechanisms
necessarily appear in all cases of ALS (Hardiman et al., 2017; Morgan and Orrel, 2016; van
Zundert et al., 2008). In addition, multiple risk factors may also interact to produce an initial
trigger of disease rather than a single insult, causing downstream pathogenic cascades. With
this in mind, numerous of the best studied disease mechanisms are presented here (see Fig.

3).

Figure 3: Schematic demonstrating proposed ALS mechanisms. These include: (1)
mitochondrial dysfunction, (2) impaired protein homeostasis, (3) altered RNA
metabolism, (4) defective axonal transport, (5) neuroinflammation, (6) oligodendrocyte

dysfunction and (7) excitotoxicity.
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2.2. Mitochondrial Dysfunction

Mitochondrial dysfunction and oxidative stress were of particular interest early in
mechanistic literature, considering SOD1’s role in reducing toxic ROS species. Several
defects in mitochondria have been observed. Firstly, morphologically they are abnormal,
appearing swollen, vacuolated and often aggregated (Hardiman et al., 2017; Smith et al.,
2019). Such morphological disruption may contribute to ALS pathology as mutations in an
intermembrane space mitochondrial protein (CHCHD10), which is an important regulator of
mitochondrial structure, are causative in patients (Bannwarth et al., 2014; Morgan and Orrell,
2016). The activity of the electron transfer chain and resulting ATP production has also been
shown to be perturbed. Mutant SOD1 entry into the mitochondria causes protein import
impairments in the intermembrane space (Higgens et al., 2003) and has a major impact on
electron transport chain (ETC) function, as has been demonstrated in post-mortem tissue
samples (Wiedemann et al., 2002). Indeed, SOD1%%4 animals have decreased mitochondrial
respiration rates in both the brain and spinal cord, demonstrating reduced complex | and 1V
activity and impaired ATP synthesis (Smith et al., 2019). There is also further evidence that
mitochondrial accumulation of other ALS-linked proteins causes respiratory deficits. TDP-43
mitochondrial accumulation was noted in sporadic ALS post-mortem tissue, and fibroblasts
derived from patients harbouring various TDP-43 mutations showed increased mitochondrial
localisation of TDP-43 versus controls (Wang et al., 2016). Indeed, it was found that this
accumulation is associated with preferential binding to mitochondrial MRNA encoding
complex | subunits of the ETC, inhibiting its translation and even causing complex 1
disassembly. Suppression of TDP-43 mitochondrial import abolished mitochondrial
dysfunction and increased ATP production (Wang et al, 2016). Later work replicated the

impact of TDP-43’s effect on mitochondrial dysfunction, and showed increased production of
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ROS and initiation of the mitochondrial unfolded protein response (Wang et al., 2019). To
further demonstrate deficits in respiration, the C9orf72 dipeptide repeat protein poly(GR) has
been shown to bind to mitochondrial ribosomal proteins and compromise mitochondrial
function (Lopez-Gonzalez et al., 2016). Finally, increased ROS production appears to be
present in patients, with evidence of increased oxidative damage in SALS spinal tissue and in

SOD1%%A work (Barber and Shaw, 2010).

2.3. Impaired Protein Homeostasis

The cell has several systems at its disposal to correct misfolded proteins in the ER. When it is
unable to correct these, it has further ways of disposing of them to prevent potentially
pathogenic downstream effects of misfolding and aggregation (Diaz-Villaneuva et al., 2015).
Chaperones within the ER ensure the correct folding of recently translated proteins, and
refolding of those with exposed hydrophobic surfaces in order to prevent aggregation of
misfolded proteins (Ali et al., 2010). In addition, the Unfolded Protein Response (UPR) is a
tool utilised by the ER under stress (i.e. where the demand for protein folding capacity is
overwhelmed, leading to the build up-of unfolded/misfolded proteins). This involves a
number of processes, including upregulating the transcription of chaperones and
downregulating overall mMRNA translation in order to reset the proteostatic state of the ER
lumen (Diaz-Villaneuva et al., 2015). When proteins are both unable to be folded properly
and unable to be corrected, there exists 1) the ubiquitin proteasome system (UPS) and 2)
autophagy, which act to degrade misfolded proteins. The UPS tags proteins with
polyubiquitin chains which leads to their proteolysis, while autophagy involves the formation
of autophagosomes, which surround the substrate and deliver them to lysosomes where they

are degraded (Medinas et al., 2017).
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SODL1 has been shown to perturb the proteostasis machinery at multiple stages with the use of
the SOD1%%A mouse. Firstly, SOD1-associated inclusions are known to sequester essential
chaperones such as HSP 40/70, in addition to Ub ligases which are essential in UPS function
(Ruegsegger and Saxena, 2016). SOD1%%A animals also show reduced expression of UPS
components, and mutant SOD1 can directly interact with the 19S regulatory subunits of the
proteasome, inhibiting UPS activity (Webster et al., 2017). This may produce a cycle
whereby limited mutant SOD1 aggregation causes significant reductions in protein
degradation capacity, in turn exacerbating large-scale protein aggregation. This is of
particular interest considering there is emerging data that wtSOD1 has the capacity to acquire
abnormal conformation upon oxidative damage, and gains many properties of mutant SOD1
including an increased propensity to misfold (Bosco et al., 2010). Misfolded SOD1 can even
cause similar axonal transport deficits to mutant SOD1, can exacerbate disease phenotypes of
SOD15%R animals, and has been demonstrated to show significant aggregation in SALS
tissue (Bosco et al., 2010; Paré et al., 2018). It has therefore been suggested that SOD-related

proteostasis perturbation may be a shared mechanism between fALS and SALS.

Multiple other ALS-linked mutations can be seen to impact integral components of the cell’s
proteostasis machinery. RAN translation of sense C9orf72 G4C> RNA produces poly (GA)
proteins, which form inclusions in patients harbouring the hexanucleotide repeat mutation.
These inclusions have been shown to quickly form in neuronal culture models, and showed
similar activity to the proteasome inhibitor MG-132, implying poly (GA) aggregation leads to
cell death via reduced UPS activity and resulting ER stress (Zhang et al., 2014). Several other
mutations are linked to proteasome dysfunction, including VCP/p97 (UPS substrate

unfolding / substrate presentation) and ubiquilin-2 (UPS cargo delivery) (Barthelme et al.,
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2015; Deng et al., 2011). Autophagy can be affected at all stages too, from autophagy
initiation to substrate degradation. For example, C9orf72 interacts directly with the ULK-1
initiation complex, essential in autophagosome formation, suggesting that C9orf72-related
haploinsufficiency may contribute to proteostasis dysregulation (Webster et al., 2016). VCP
mutations, as well as affecting the UPS, also negatively affect autophagosome maturation (Ju
et al., 2009). It is clear therefore that protein aggregation may occur due to several different

insults to the proteostasis machinery.

2.4. Altered RNA Metabolism

In addition to alterations in protein processing and degradation, ALS mutations are also
known to be associated with the presence of perturbed RNA species. In particular, RNA
mechanisms of disease are associated with the C9orf72 repeat expansion, however, several
key RNA-binding proteins are also known to be affected. Of the ways in which C9orf72
mutations are hypothesised to contribute to pathogenesis, 2 of the 3 main suggestions are

linked to RNA perturbations (Gendron and Petrucelli, 2018).

The first is RNA derived from the GGGGCC non-coding region repeat expansion, which
forms G-quadruplex structures (helical secondary structures formed by molecules rich in
guanine) (Hardiman et al., 2017; Spiegel et al. 2020). This expansion is transcribed in both
sense and antisense directions, producing accumulations in the nucleus called ‘RNA foci’
(Butti and Patten, 2019). These aggregations are believed to interfere with healthy RNA
processing by interacting with and sequestering RNA-binding proteins, mislocating them and
preventing their normal function. An example of this is a ribonuclear protein called nucleolin,

which specifically binds to C9orf72 G-quadruplexes. In vivo, hexonucleotide repeat RNA
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caused dispersion of the tight nucleolar WT expression, impairing the function of the
nucleolus and resulting in decreased rRNA processing (Haeusler et al., 2014). Further
mechanistic evidence for the importance of RNA foci is that there has been some success
targeting RNA foci as a potential therapeutic treatment. Antisense oligonucleotides targeting
the repeat expansion were used to successfully suppress sense RNA foci formation. This
resulted in reduced sequestration of RNA-binding proteins and reversal of associated gene
expression alterations in iPSC-derived neurons. (Donnelly et al., 2013). Antisense
oligonucleotide-mediated reduction of C9orf72 RNA was shown to be well tolerated in adult
mice, but there was a limited effect on associated RNA expression. It is acknowledged that
such an approach would also have to target antisense RNA foci, however (Lagier-Tourenne et
al., 2013). Haploinsufficiency is the second RNA mechanism by which C9orf72 mutations
could contribute to ALS, whereby the presence of the hexanucleotide repeats causes a
reduction in C9orf72 RNA transcription (Ling et al., 2013). There is also evidence that the
mutation interferes with splicing of transcripts, as well as the suggestion that it may even
disrupt promoter activity thus reducing C9orf72 expression (Gijselinck et al., 2016; Mori et

al., 2013).

Production of toxic species is not the only way in which RNA may contribute to disease
development. Mutant proteins which interact with RNA may also contribute. An often-cited
example is the mislocalisation of TDP-43 from the nucleus to the cytoplasm. Its aggregation
may cause a toxic gain of function, but its nuclear depletion may also be cytotoxic due to
TDP-43's essential role in RNA processing. It controls the expression of other proteins via its
roles in RNA splicing, stability-promotion and mRNA transport, with one RNA-seq study
suggesting it is required for the regulation of over 200 mRNAs (Butti and Patten, 2019;

Polymenidou et al., 2011). An example is the stabilisation of neurofilament light chain
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MRNA via direct binding, the disruption of which leads to aggregation and MN death (Strong
et al., 2007; Strong, 2010). Multiple key synaptic proteins, including

structural protein Homer2 and several GABA receptor subunits are known to be regulated by
the function of TDP-43. Multiple mutant models across several species have reflected such
synaptic dysfunction (Butti and Patten, 2019). UNC13A, a critical synaptic protein, was
recently shown to interact with TDP-43 mislocation whereby UNC13A SNPs potentiate the
cryptic exon inclusion caused by loss of TDP-43 from the nucleus, resulting in loss of

functional protein (Brown et al., 2022; Ma et al., 2022).

2.5. Defective Axonal Transport

Microtubules are vast polymers of tubulin, consisting of heterodimers of a- and p-tubulin.
They are polarised, where the faster growing ‘plus’ end towards the axon tip is exposed, and
such polarity determines the directional movement of associated ‘molecular motors’
(Millecamps and Julien, 2013). These molecular motors, of which kinesins mainly control
anterograde transport (towards the cell body) and cytoplasmic dyneins mainly control
retrograde transport (away from the cell body), enable cargoes to be moved down the
microtubule tracks. The cellular contents being transported are varied, including vesicular
cargoes (e.g. mitochondria and lysosomes), filamentous cargoes (e.g. neurofilaments) and
cytoplasmic proteins (De Vos and Hafezparast, 2017; Millecamps and Julien 2013). It is
clear, due to the variety of cargoes essential for cell function, that disruption of such

molecular machinery could contribute to dysfunction of the neuron as a whole.

Amongst those to first notice axonal transport deficits was Sasaki and colleagues (1990), who

noted that the distal initial segments of motor neuron axons in ALS patients were swollen and
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enriched with accumulations of mitochondria, lysosomes and intermediate filaments,
suggesting defective axonal transport. Since then, transport deficiencies of various types of
cellular cargo have been investigated further. Some work suggested that mitochondrial
transport deficits may create a perturbation in the distribution of these organelles due to a
shift in the balance of anterograde / retrograde transport, potentially resulting in depletion of
axonal mitochondria (De Vos et al., 2007). Altered MN axonal mitochondrial distributions
have been noted in both the SOD1%3'R and SOD1%%R models (Vande Velde et al., 2011).
Further non-SOD ALS mouse models including those expressing mutant VAPB and TDP-43
have also demonstrated mitochondrial transport issues (Magrané et al., 2014; Morotz et al.,
2012). While this represents an encouraging hypothesis behind defective axonal transport-
based neuronal death, further studies have disputed the idea that this is a major event in ALS
pathological progression. One such study depleted axon-targeted syntaphilin, a
mitochondria-specific docking receptor, in order to reduce immobilisation of mitochondria.

This failed to alter disease progression in SOD1%*A animals (Zhu and Sheng, 2011).

Phosphorylated neurofilaments are considered a pathological hallmark of ALS, and the
reduction in functional transport of neurofilaments may contribute to transport-based ALS
pathology (De Vos and Hafezparast, 2017). Activation of p38 and CDK5-p25 kinase (which
can occur due to the presence of glutamate, linking to excitotoxic mechanisms) causes
neurofilament phosphorylation, preventing binding to kinesin (Millecamps and Julien, 2013).
Such phosphorylation of the NF-M and -H (middle and heavy, respectively) side chains in rat
cortical neurons exposed to glutamate caused slowing of anterograde transport (Ackerly et
al., 2000). Neurofilament transport vulnerability is given further credence by several reports
of mutations in the phosphorylation repeat domain of the NFH-encoding gene NEFH,

potentially causing abnormal phosphorylation (Al-Chalabi et al., 1999; Figlewicz et al.,
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1994). Glutamate-triggered activation of kinases may have a further role in disrupted axonal
transport, as glutamate exposure also activates c-Jun N-terminal kinase (JNK). In
combination with previously mentioned p38 and CDK5-p25 kinase, JNK can act to
phosphorylate both kinesin heavy and light chains, inhibiting kinesin’s binding to

microtubules and other cargo (Millecamps and Julien, 2013).

It is clear that there is a wide variety of cargo affected in ALS-linked axonal transport
deficiencies. However, dissecting how depletion of specific cargos contribute to ALS
pathogenesis, and the molecular mechanisms behind these alterations, is a topic of continued

debate.

2.6. Neuroinflammation

Neuroinflammation involves complex changes in phenotype from a variety of cell types, and
is typically associated with neuronal loss. This includes astrocyte and microglial activation,
infiltration of T lymphocytes and inflammatory cytokine overproduction (Liu and Wang,
2017). This “activated’ phenotype varies depending on cell type, and is context dependent.
Astrocyte activation is characterised by changes in basic morphology, developing thicker
processes and enlarged cell bodies, concomitant with GFAP and aldehyde dehydrogenase 1
(ALDH1L1) upregulation (Philips and Robberecht, 2011). Microglia activation meanwhile is
diverse, with a shift to an amoeboid-like morphology. They can first secrete proinflammatory
factors such as TNFa, with the goal of clearing potential threats, but can also be neurotoxic as
a result. Their second phenotype, however, involves the release of anti-inflammatory and
trophic factors, which limit inflammation and promote tissue repair. These are sometimes

referred to deleterious (M1) and benign / protective (M2) phenotypes respectively, and
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selection is dependent on the states of neighbouring inflammatory T-cells and astrocytes

(Tang and Le, 2016).

Microglial activation has been reported in multiple studies, from presymptomatic SOD16%3A
animals to ALS patients in PET studies (Corcia et al., 2012; Philips and Robberect, 2011).
The factors that may be triggering this include detection of misfolded SOD1 from injured
MNs and astrocytes, as well as extracellular ATP release (Liu and Wang, 2017). The latter is
detected by microglial P2X receptors, which are upregulated in ALS post-mortem spinal
tissue and SOD1C%*A mice. Triggered neuroinflammation appears to contribute to ALS
severity to some degree, as deletion of P2X7 receptors in end-stage SOD1%%4 animals
aggravated symptoms, whilst use of a P2X7 antagonist at the late presymptomatic stage was
neuroprotective (Apolloni et al., 2013; Apolloni et al., 2014). This is likely due to the dual
action of the receptor, possibly reflecting a switch from the M2 to M1 phenotype with disease

progression, with modulation of either having an effect on ALS pathogenesis.

Related to this, T lymphocytes appear to alter disease phenotypes due to their interactions
with microglia. Restoration of CD4+ T cells (known more generally as ‘helper T cells’) using
bone marrow transplants prolonged survival in animals both harbouring the SOD1%%%4
mutation and lacking T and B lymphocytes (SOD1%%A x RAG2 KO mouse). A CD4+ KO
mouse when bred with G93A animals had reduced survival similar to the SOD1%%** x RAG2
KO mouse, indicating the presence of CD4+ cells is neuroprotective in disease (Beers et al.,
2008). This link to microglia is suggested due to significantly decreased microglial activation
being observed when T cells were ablated using T cell receptor § (TCRp) null mice (Chiu et
al., 2008). Endogenous regulatory T cells (Tregs) too appear to be beneficial, as they were

increased in early-progressive SOD1%%4 spinal cords which was associated with increased
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M2 microglial activation, and then decreased as disease progression rapidly accelerated.
Passive transfer of Tregs from early stage mice increased the numbers of M2 microglia and
prolonged survival (Beers et al., 2011). Together with evidence that the number of Tregs is
lower in rapidly progressing ALS blood, and that those that are present are dysfunctional, it
appears that multiple T lymphocyte cell types interact with microglia to modulate disease
severity (Beers et al., 2017). However, as it is clear that there is significant crosstalk between
astrocytes and microglia (Matejuk and Ransohoff, 2020), it is likely that T lymphocyte —

microglia interactions represent only part of the story of neuroinflammatory insults in ALS.

2.7. Oligodendrocyte Dysfunction

Oligodendrocytes are essential in the function of neurons under healthy physiological
conditions by providing the myelin sheath required for saltatory conduction along axons.
During the development of the spinal cord, oligodendrocyte progenitor cells (OPCs), which
eventually differentiate into mature oligodendrocytes, begin as migratory cells occurring in
multiple waves beginning at E12.5 and continuing postnatally (Michalski and Kothary,
2015). They can proliferate, and as shown in the brain, a significant number remain in the
adult animal. They occupy their own non-overlapping domains, and in healthy brains, are
able to replace naturally dying mature oligodendrocytes and generate replacement myelin in
order to maintain white matter tracts (Hughes et al., 2013; Michalski and Kothary, 2015).
Indeed, this has been shown to be a potential pathogenic route, as SOD1%A OPCs have the
ability to rapidly proliferate, but fail to mature and cause progressive MN axon demyelination

(Kang et al., 2013).
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The insulating properties of myelin are not the only important function of oligodendrocyte —
neuron contact. They also provide essential metabolic support through the transport of lactate,
pyruvate and ketone bodies. This is enabled by monocarboxylate transporter 1 (MCT1)
expression on oligodendrocytes and MCT2 expression on axons (Lee et al., 2012). Indeed,
Funfschilling and colleagues (2012) investigated these transporters in disease with the use of
a mutant mouse which expressed an impaired ETC complex IV in oligodendrocytes, and
therefore relied on anaerobic glycolysis for ATP production, thus forming excess lactate.
Mature oligodendrocytes survived, and magnetic resonance imaging confirmed that there was
lactate build up in the brain, which was only detectable under anaesthesia. This implied that
the lactate was being metabolised due to neuronal activity in the active animal. Lactate is
clearly important for neuron survival to some degree, as MCT1 knockdown with glucose
deprivation caused concentration-dependent MN loss in a spinal culture model, which could
be prevented with exogenous lactate application. When ALS post-mortem tissue is examined
for MCT-1 expression, there is a dramatic 50% reduction, which was replicated in early / late
stage SOD1%%*A mice (Lee et al., 2012). Later work using oligodendrocytes derived from both
iPSC and iNPC (induced neural precursor cells) verified this. Cells from multiple sporadic
patients, as well as those harbouring various ALS mutations including SOD1, TARDBP and
C9orf72 showed that co-cultures of diseased oligodendrocytes and WT mouse MNs induced
MN death (Ferraiuolo et al., 2016). The intra- and extracellular contents of all ALS
oligodendrocytes tested except those derived from C9orf72 patients showed reduced lactate,
and addition of lactate could not rescue the effect of conditioned medium from C9orf72
patient oligodendrocytes on MNs (Ferraiuolo et al., 2016). It appears therefore that ALS
oligodendrocyte dysfunction can cause deficits in MN survival, but through a different

pathway in C9orf72 patients.
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2.8. Excitotoxicity

Currently, the only reliable drug used to treat ALS (modestly improving lifespan by
approximately 3 months) is riluzole. While it is not fully understood how it functions
mechanistically, it is widely believed it is successful at least partially due to its modulation of
excitotoxicity (Van Den Bosch et al., 2006; Dharmadasa and Kiernan., 2018). Excitotoxicity
refers to cell death caused by excessive exposure to excitatory neurotransmitters, usually
glutamate, resulting in a toxic influx of ions (particularly Ca?*). (Dong et al., 2009) (see Fig.
4). The reduction of excitotoxicity by riluzole gives credence to this mechanism of disease,
and as such it is amongst the most heavily studied. Section 3 will therefore examine in detail
the various proposed sources of excitotoxicity, including several gaps in our knowledge that

will be pursued in the remainder of this thesis.
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Figure 4: Mechanism of glutamate-mediated excitotoxicity. Glutamate results in Ca?*
influx through NMDA receptors and AMPA receptors, with activation of metabotropic
glutamate receptors (mGIuRs) causing further increases in Ca?* concentration due to
release from the endoplasmic reticulum via the inositol triphosphate (IP3) pathway.
Voltage-gated Ca?* channels (VGCC) also contribute to Ca?* intake. This can lead to
excessive Ca?* entry into the mitochondria, causing increases in ROS and reduction of
ATP production. It may also result in the release of cytochrome C, triggering apoptotic

pathways. Pathways described in Dong et al., 2009 and Mattson, 2019.
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3. Sources of ALS Excitotoxicity

3.1. Intrinsic Hyperexcitability — Presymptomatic Disease Mechanism or Red Herring?

Of the mechanistic insights that we have gained with the use of SOD1%** model, one which
has received the most scrutiny is the idea of ‘intrinsic hyperexcitability’. This refers to the
production of excessive output of a neuron in response to the same input, thus being referred
to as ‘hyperexcitable’. This excessive excitability is then thought to lead to excitotoxicity of
MNs, as well as other neurons in the motor circuitry (LoRusso et al., 2019). One of the first
to report this was Kuo and colleagues (2004), who utilised both organotypic neonatal slice
cultures and embryonic neural cultures derived from SOD1%%4 animals. As will become a
point of discussion later, the electrophysiological parameters used to define whether a neuron
is over- or under- excitable is variable and may contribute to confusion in the field. Two
parameters which are reported here are the rheobase, or minimum current required to elicit
spiking, and the frequency-current relationship (F-1), more specifically the gain of the slope
produced when the frequency of AP production at various levels of current injection is
plotted (see Fig. 5). A further source of variability in the field comes from how the F-I
relationship is calculated, as some groups utilise increasing current steps, whilst others use
slow current ramps. In the study by Kuo and colleagues (2004), rheobase was not different in
either culture type when cells contained the SOD1%%*A mutation vs controls. However,
analysis of the F-I relationship revealed disease-related changes in the F-1 slope, meaning that

the same current injection produced more firing in SOD1%% cells vs controls.
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Figure 5: Measures used to describe hyperexcitability of a neuron in ALS. (Left) shows
an example of a lower rheobase value in SOD1%%A mice. Arrows annotate the lower
current injection required to elicit an AP versus controls (adapted from Saba et al., 2015).
(Right) shows an example of increased firing frequency in response to the same current
injection in iPSC-derived MNs (arrows annotate ALS traces). Such frequencies are used
to plot F-1 relationships and assess excitability changes (adapted from Devlin et al.,
2015).

Later embryonic neuron culture work attempted to target currents behind this reported

hyperexcitability. Once again, Kuo and colleagues (2005) reported a significant increase in F-

| gain in SOD1%%%A cells. However, when cells were divided according to high and low input

conductance (proportional to neuronal soma size), it was noted that only high conductance

cells showed a significant difference in F-1. Use of slow triangular current ramps revealed a

persistent inward current (PIC), which could be blocked with voltage-gated Na* channel

blocker TTX. This PICna was significantly larger in SOD1%%4 cells. However, an opposing

TTX-insensitive persistent current (PCrrx-ins), Which likely represented a net outward current
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and acted to decrease excitability, was also increased in SOD1%%%A cells. The total PC
amplitude is defined by the size of PICna and PCrrx-ins, and when high conductance cells
were compared to low conductance ones, it was found that PICna was always larger
irrespective of conductance, whereas PCrx-ins Was only significantly larger in low input
conductance cells. This created an offset in larger, high conductance cells and potentially

explained their increased excitability.

Moving from in vitro analyses to ex vivo brainstem and spinal slice work, van Zundert and
colleagues (2008) looked at the vulnerable population of hypoglossal MNs innervating the
tongue. SOD1%%A MNs showed increased firing frequency relative to current injection vs
non-transgenic littermates in a current step protocol. When riluzole (inhibits PICna with
minor effect on inactivating Na* current) and TTX were added during slow triangular current
ramps, the previously reported PICna could be abolished, and once again, it was noted that
PICna Was increased in SOD16%** MNs. Such a PICna increase was also noted in spinal MNs
(Quinlan et al., 2011). Total PIC, as well as specifically PICna, was increased between the
binarised age groups of P0-5 and P6-10. The presence of the SOD1%%A mutation also
increased both total PIC and PICna. These authors did note some evidence of increased
excitability. They showed that both the normal developmental: A) decrease in the time
constant of the afterhyperspolarisation (AHP) and B) increase in the rate of AP rise / fall
were enhanced in SOD1%%*A MNs. They did not observe alterations in the F-1 slope or
rheobase, however (Quinlan et al., 2011). Such acceleration of this maturation in
electrophysiological parameters led to the conclusion that ALS may be a condition of
expedited development, whereby increased early excitability quickens the onset of normal

age-related motoneuron degeneration.
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Finally, wild-type rat neuron cultures demonstrated decreased survival of SMI 32 +ve MNs
when exposed to SOD1C%%A astrocyte conditioned media (ACM). Analysis of persistent
inward currents again revealed increased PICna in cells exposed to SOD1°%A ACM. These
cells showed increased firing frequency in response to increasing current pulses (although a
F-I relationship was not generated). It should be noted, however, that it is challenging to
select only MNs in a mixed neuron culture. The authors noted several voltage-sensitive Na*
channel blockers including riluzole (although this is a ‘dirty’ drug and has effects on other
currents) prevented SMI 32 +ve MN death induced by the ACM, therefore concluding the

PICna-drived hyperexcitability was a cause of cell death (Fritz et al., 2013).

While this picture of MN hyperexcitability initially seems clear, more recent work has
revealed ALS-related excitability changes are less simple than initially thought. MNs can be
divided into two types based on their physiological properties: delayed firing and immediate
firing. This refers to their behaviour in response to a square current pulse at rheobase.
Delayed firing MNs do not immediately fire, and upon firing onset do so with increasing
frequency, whilst immediate firing MNs spike immediately and continue to do so with a
relatively constant frequency. Dye labelling of recorded MNs in combination with
immunohistochemistry for markers expressed in MNs innervating slow-twitch motor units
(S-type MNs) and fast contracting / fatigable motor units (F-type MNs) allowed for
correlation of firing behaviour and identification of motor unit type. Immediate firing MNs
were revealed to be S-type MNs (resistant in ALS), whilst delayed firing MNs are F-type
MNs, including those innervating vulnerable fast / fatigable (FF) motor units (Leroy et al.,
2014). Authors found decreased rheobase values in P6-10 SOD1%%* MNs in immediate, but
not delayed firing MNs. This was seen using both current step and triangular current ramp

protocols. Immediate firing SOD1%%*A MNs showed no differences in their F-1 relationship
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versus wild-type. In delayed firing cells, F-I gain was difficult to measure due to issues
finding a linear primary range (presumably due to their accelerating firing frequencies at a set
current). This was instead measured using firing frequency only 0.5s after recruitment, but it
should be noted this is not the same measurement of F-1 gain described in other work. This
was not significantly different to wild-type. (Leroy et al., 2014). The authors therefore
concluded that there was only evidence of early hyperexcitability in a MN subtype not

vulnerable in ALS.

Up to this point, most work focussed on early hyperexcitability in embryonic primary culture
and neonatal tissue. However, later work went on to investigate this in older tissue which was
closer to symptom onset in the SOD1%%4 model. In a population of MNs from animals aged
P34 to P82, there was no measured difference in rheobase or F-1 gain (Delestrée et al., 2014).
It was noted, however, that a fraction of SOD1%%*A MNs were unable to repetitively
discharge during a triangular current ramp, a significantly higher proportion than WT. When
restricted to P34-60 (preceding / just at the initial stages of NMJ denervation), all WT MNs
could repetitively fire, but 35% of SOD1 MNs could not (thus were referred to as
hypoexcitable). A compensation for increased input conductance in MNs is increased inward
PICna, Which acts as a subthreshold depolarising current to aid sustained firing. The authors
noted increased peak input conductance of SOD MNs, and provide evidence that there was a
concomitant reduction in PICna in cells that were hypoexcitable (Delestree et al., 2014).
Further work doing intracellular MN recordings whilst measuring force at the tendon of the
triceps surae muscle allowed motor unit type to be identified based on their contractile
properties in response to MN stimulation (Martinez-Silva et al., 2018). Excitability measures
of MNs in P46-60 SOD1%%%** animals using slow triangular current ramps again showed a

subset of cells were unable to fire repetitively in response to the ramp, but interestingly could
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still activate their muscle fibres when injected with single current pulses. Using their motor
unit characterisation, it was established that of the MNs that couldn’t fire repetitively, most
belong to FF motor units, followed by the largest of the fast fatigue resistant (FR) motor
units. All slow-twitch (S) motor units could fire repetitively. It appears therefore that the most
vulnerable MN types in ALS are those which develop hypoexcitable properties at later stages
of disease, and as these are still able to activate muscle fibres, such hypoexcitability appears

to precede denervation of the NMJ (Martinez-Silva et al., 2018).

This apparent dichotomy makes it challenging to draw clear conclusions about pathogenic
intrinsic excitability changes in ALS. Although more recent work has cast doubt over the
possibility of hyperexcitability being a major causative presymptomatic disease mechanism,
it may simply be the case that observed excitability changes from hyperexcitable to
hypoexcitable are part of downstream homeostatic mechanisms in response to cell
dysfunction. Some work in human iPSC-derived MNs harbouring ALS-causing C9orf72 and
TARDBP mutations showed expected early hyperexcitability (increased F-1 gain) at 2-6W
(weeks), which then switched to hypoexcitability at 7-10W, where the number of cells able to
fire APs in response to current steps reduced (Devlin et al., 2015). More recent work, again
utilising iPSC-derived MNs, showed further evidence of age-related excitability shifts
(Sommer et al., 2022). Indeed, some mechanisms discussed earlier may give insight as to
why this is the case. Early hyperexcitability may be transient, partially as a result of the often
described increase in PICna (Kuo et al., 2005; van Zundert et al., 2008; Quinlan et al., 2011,
Fritz et al., 2013). At later time points, hypoexcitability is often noted (Delestrée et al., 2014;
Martinez-Silva et al., 2018) , however an important difference observed is the increased input
conductance of SOD1%%A MNs (Quinlan et al., 2011). A primary compensation for higher

conductance is increased PICna, which aids in sustained firing by providing subthreshold
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depolarising currents. As there is evidence that cells that are hypoexcitable have decreased
PICna (Delestrée et al., 2014), it has been suggested that the switch in excitability states is
seen when cells’ compensatory upregulation of PICna fails. The upregulation of PICna
therefore initially causes hyperexcitability, the failure of which later in life may leave the cell
unable to compensate for increased input conductance, then causing hypoexcitability

(Delestree et al., 2014).

Equally it should be noted that although mechanistically there are suggestions as to why this
switch may occur, there are also inconsistencies in how changes in excitability are reported.
For example, exactly which properties must be changed to describe a cell as hyperexcitable
(i.e. rhoeobase, F-1 gain or both) is not agreed upon. Equally, what is considered
hypoexcitable (unable to fire repetitively vs unable to fire at all) is not consistent (Delestrée
et al., 2014; Devlin et al., 2015). Together with variable specificities of MN subtype
investigated and differences in controls utilised (e.g. non-transgenic littermates vs WTSOD1
vs a mix of both), reported inconsistencies are expected and the literature needs to be
considered wholistically in an attempt to draw conclusions about changes in intrinsic MN

excitability changes.

Finally, excitability of neurons other than MNs may also be altered. Superior colliculus
interneurons which input to the hyperexcitable hypoglossal MNs mentioned previously also
show hyperexcitability at P10-P12. Related to this, overall pre-MN network hyperexcitability
was noted as spontaneous AMPA- and GABA-mediated PSC frequencies were significantly
higher in SOD1%%%A animals (van Zundert er al., 2008). Jiang and colleagues (2009)
performed spinal ventral root recordings in later stage animals (P50, P90 and P120). Use of

picrotoxin and strychnine to suppress inhibitory transmission produced synchronised
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bursting, which is therefore mediated by excitatory pre-MN circuitry. The proportion of
SOD15%%A animals which showed bursting was significantly higher. During these bursting
episodes, there were ‘sub-bursts’, which likely represented multiple incidences of burst
initiation. These too were increased in SOD1%%A animals, showing increases in both metrics
of pre-MN network excitability at P90 and P120. Later work in P50-90 animals showed
evidence of reduced system-wide short-term depression and increased frequency of MN
oscillating EPSPs (polyEPSPs which acted continuously with multiple peaks, appearing
oscillatory) (Jiang et al., 2017). Both represent evidence of overall hyperactivity of the pre-

MN network, rather than just the MNs themselves.

3.2. Altered Synaptic Input — Cell Death by Hyperexcitation?

Beyond changes to intrinsic properties of MNs resulting in hyperexcitability, alterations in
the synaptic input to either MNs or across the whole pre-MN network could be a source of
excitability changes. This may occur due to changes in the ratio of excitatory : inhibitory
(E:1) synaptic inputs onto MNs (or throughout the pre-MN circuitry), resulting in excessive
excitation and subsequent excitotoxicity. For clarity, although there is considerable evidence
of synaptic pathology in the brain also (Fogarty et al., 2015; Fogarty et al., 2016; Henstridge
et al., 2018), only spinal synaptic changes will be discussed here as we aim to assess their

contribution to lumbar excitability changes.

Early post-mortem work, although limited in specificity of synapse-type targeted (only using
generic presynaptic markers), revealed pronounced synaptic pathology. Several pieces of
work looked at presynaptic loss by targeting synaptophysin, an integral protein expressed in
the overwhelming majority of presynaptic vesicles (Glantz et al., 2007). This work showed

consistent loss of synaptophysin immunoreactivity in the ventral horn (Ince et al., 1995;

49



Matsumoto et al., 1996; Sasaki and Iwata, 1995; Sasaki and Maruyama, 1994).
Immunoreactivity was directly correlated with the degree of neuronal loss, as is to be
expected at late-stage disease with significant MN and interneuron loss (Sasaki and
Maruyama, 1994). Interestingly, there was also evidence of synaptic loss in the intermediate
and dorsal horn (Ince et al., 1995). Early post-mortem work likely did not consider
confounding variables controlled for in modern human anatomy studies, such as post-mortem
delay and fixation time, both of which can influence immunohistochemical outcomes
(Lundstrom et al., 2019). Work using the same marker was done in SOD1%%A mice,
quantifying immunopositive synaptophysin puncta contacting retrogradely labelled o and y
MNs. The number of co-localised presynaptic puncta was reduced by P90, approximately the
age of symptom onset reported by other groups, although this work failed to correlate
synaptic changes with measures of motor impairment such as rotarod testing (Zang et al.,
2005; Pfohl et al., 2015). These studies provided a starting point to explore further synaptic
changes, however, the lack of specificity in synaptic subtype targeted limits the information

that can be drawn from them.

Immunohistochemcial studies using more specific markers to target excitatory and inhibitory
synapses provide more information about potential changes in synaptic-input. Hossaini and
colleagues (2011) showed a reduction in both glycinergic (GlyT2) and GABAergic
(GADG5/67) presynaptic markers in end-stage low-copy number SOD1%%A mice (these
animals show a reduced severity of disease onset compared to standard SOD1%%A mice),
while GAD65/67 loss was present earlier in the symptomatic stage. In a binary division
splitting the grey matter into just the ventral and dorsal horn, this synaptic loss was only
noted in the ventral horn. In a standard SOD1%4 model at the transition to early-

symptomatic stages (3 m.o.), there was a reported increase of VGLUT2 (vesicular glutamate
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transporter 2, presynaptic glutamatergic marker) punta apposing fluorogold-labelled
hypoglossal MNs. There was a simultaneous loss of VGAT (vesicular GABA transporter, a
presynaptic GABAergic / glycinergic marker) (Sunico et al., 2011). This implies a shift in

the E:I ratio onto these MNs to favour excitability.

Chang and Martin (2009) also looked at levels of inhibition specifically onto MNs, and noted
reduced GlyT2 puncta apposition at the presymptomatic time point of 8W, which worsened
with disease progression until end-stage. One defined source of glycinergic input onto MNs is
that of Renshaw cells, which constitute a negative feedback circuit for MNs, receiving inputs
from MN collaterals and forming inhibitory inputs back onto them (Moore et al., 2015). By
12 weeks using calbindin as a marker, Renshaw cell numbers were significantly reduced.
Although it appears some of the loss of glycinergic input was due to Renshaw cell death, it
cannot be solely attributed to this as the loss of glycinergic input precedes significant cell loss
(Chang and Martin, 2009). Other groups report Renshaw cell loss, but not until 4 months in
SOD15%A animals (Wootz et al., 2013). Further evidence of glycinergic loss was reported in
embryonic Hb9-eGFP x SOD1%%A MN primary culture, where glycine receptor (GlyR)
puncta were reduced along both the dendrites and on the soma (Chang and Martin, 2011). A
chimeric model of ALS, in which iPSC-derived spinal progenitors from sporadic ALS
patients were implanted into the spinal cord of mice, also demonstrated inhibitory loss (Qian
et al., 2017). The majority of these progenitors differentiated into human astrocytes, thus
providing a novel way to model sporadic disease using mice. These animals developed
expected motor symptoms, such as reductions in grip strength and changes in stride, at 9
months post-grafting of tissue. At this symptomatic stage, authors noted a significant
reduction of GADG65 puncta onto ChAT +ve MNs (Qian et al., 2017). More recent work has

demonstrated that vulnerable F MNs receive more input from glycinergic V1 interneurons
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compared to S MNSs, and that in SOD1%%4 animals these MNs show dramatic loss of V1
glycinergic input presymptomatically from P45, which continued to P84. Concurrent
VGLUT2 staining revealed no differences in glutamatergic input in this time frame (Allodi et

al., 2021).

While most evidence points towards a bias in excitatory transmission, usually due to a loss of
opposing inhibitory transmission, not all of the literature is consistent with this. Schiltz
(2005) used two glutamatergic presynaptic markers (VGLUT1 and VGLUT?2), both of which
are known to be expressed throughout the grey matter (Todd et al., 2003). In addition, an
inhibitory presynaptic marker called vesicular inhibitory amino acid transporter (VIAAT)
was used, which is found at both glycinergic and GABAergic synapses (Juge et al., 2009). At
the beginning of symptom onset in SOD1%*A mice (P110, approx. 3.5 months), it was found
there was a loss of VGLUT1 and VGLUT2 appositions to vesicular acetylcholine transporter
(VACHT) +ve surviving MNs, whilst VIAAT co-localisation was not significantly changed.
An embryonic organotypic spinal culture of SOD1%%4 animals showed a consistent overall
synapse density in ventral regions vs wild-type at DIV (days in vitro) 14. However, when the
density of excitatory vs inhibitory synapses was quantified using electron microscopy,
SOD15%A cultures showed both fewer excitatory synapses and more inhibitory synapses
(Avossa et al., 2006). Both studies therefore demonstrate an E:|I shift biased towards

increased inhibition.

Beyond immunohistochemical evidence of synaptic changes in ALS, another good measure
of changes in synaptic input is quantification of ‘minis’, or miniature postsynaptic potentials /
currents (MPSPs / mPSCs). These are the result of non-Ca?*-dependent release of vesicles

from synaptic boutons, therefore they are independent of presynaptic action potentials (APS).
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Changes in amplitude represent changes in postsynaptic receptor function / expression, while
a change in frequency can represent presynaptic changes (Choi and Lovinger, 1997). These
may be a change in presynaptic release probability, or a change in the density of synapses
contacting the cell measured. Glycinergic mIPSCs were investigated in primary MN culture
by exposure to TTX (which inhibits AP firing and therefore Ca?*-dependent neurotransmitter
release), as well as CNQX (AMPAR antagonist), APV (NMDAR antagonist) and bicuculine
(GABAR antagonsist) (Chang and Martin, 2011). The frequency of glycinergic mIPSCs was

reduced by nearly 50%, however, failed to reach statistical significance (P=0.09).

Taken together, drawing a concise takeaway from the literature discussing changes in
synaptic innervation in ALS is challenging. Synaptic pathology is clear from cruder early
post-mortem work, however, defining changes in particular synapse types in a precise
timeframe has proven difficult as a result of large variations in methodology. Although the
SOD15%%A mouse has been consistently used, variation in how time points are defined can
make precise comparisons between studies difficult (i.e. stating a disease timepoint in months
rather than postnatal days). Another issue is a lot of work looks at MN input specifically,
usually using ChAT +ve or VAChT +ve immunofluorescence to define the area of the MN. It
is clear, however, that these markers only stain the soma and some large proximal processes
of the MNs (Schutz, 2005; Chang and Martin, 2009). Thus, if co-localisation is defined by
overlap with a presynaptic marker, it will fail to capture all the synaptic input to the cell. This
may also introduce a source of bias towards inhibitory synaptic loss, as generally more
inhibitory synapses are thought to be located on the soma and larger dendritic shaft than
excitatory synapses (Boivin and Nedivi, 2018). In addition, the knowledge that some
inhibitory spinal synapses can co-release glycine and GABA (Gamlin et al., 2018) may make

interpretation of studies which attempt to separate them challenging. Despite this, there does

53



appear to be a body of evidence supporting loss of inhibitory input in ALS. Why these inputs
may be more vulnerable is uncertain. There is evidence that inflammatory microglia can
phagocytose synapses (Henstridge et al., 2019). For example, depletion of TDP-43 in
microglia resulted in increased microglial ingestion of synapses (Paolicelli et al., 2017).
Combined with the knowledge that their lipopolysaccharide activation can cause a selective
microglia-mediated removal of inhibitory synapses (Chen et al., 2014), it may be the case that

inhibitory synapses are more vulnerable to phagocytic loss, however, this is unknown.

As much of the evidence does not look at the balance between excitatory and inhibitory
synapses, and much of it focusses solely on MNs, which has its caveats as described earlier, a
more thorough examination of E:l ratios across the wider spinal circuitry is vital to better

understand putative synaptic changes in ALS.

3.3. Astrocytic Synaptogenesis and Altered E:l Synaptic Ratio

Beyond loss of specific types of synapses driving potential alterations in E:l ratio in ALS,
there is an alternative hypothesis that instead ALS may be a developmental disorder, whereby
unknown mechanisms drive pathological shifts in E:l balance during development (Kiernan
et al., 2019). A key cell type involved in modulating synapse formation during development
is astrocytes (Risher and Eroglu, 2020). Astrocytes are a type of glial cell found abundantly
in the CNS, and are broadly divided into two subtypes, described as ‘fibrous’ and
‘protoplasmic’ (Hochstim et al., 2008; Sun and Jakobs, 2012). Fibrous astrocytes are mainly
located in the white matter, with few process and an extended morphology, where they are
known to contact local blood vessels as well as the nodes of Ranvier on extended axonal

tracts (Sofroniew and Vinters, 2010, Vasile et al., 2017). Protoplasmic astrocytes on the other
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hand are mainly found in the grey matter, where they exhibit a bush-like extended
morphology with 5-10 primary processes radially projecting from the soma, terminating in
extremely fine perisynaptic astrocytic processes (PAPS) (Allen and Eroglu, 2017; Sun and
Jakobs, 2012; Tabata, 2015). These intricate networks of PAPs allow for ensheathing of up to
2,000,000 synapses, where they form structures called ‘tripartite synapses’ (Allen and Eroglu,
2017). At these dynamic structures (evidence suggests they can move in a sub-1hr timescale),
they have a diverse set of functions including promotion of synapse stability (Bernardinelli et
al., 2014; Henneberger et al., 2020), and importantly when considering putative changes in

E:l ratios, synaptogenesis.

The role of astrocytes in synaptogenesis was first noted in cultured retinal ganglion cells,
where recorded spontaneous PSCs were greatly increased when neurons were grown with
glia. This effect was mimicked when only glial conditioned media was added (Pfrieger and
Barres, 1997). Subsequent microscopy work confirmed that the increase in spontaneous
activity did indeed reflect an increase in the number of formed synapses (Ullian et al., 1997,
Christopherson et al., 2005). Further studies went on to show that this is not isolated to retinal
ganglion cells, but astrocyte-modulated synaptogenesis is also seen in other areas of the CNS.
Hippocampal neurons formed increased numbers of excitatory synapses in vitro when
cultured alongside astrocytes (Hama et al., 2004; Shen et al., 2016). Crucially for our interest
in ALS, astrocytic presence also promotes synapse formation in spinal neurons (Garrett and

Weiner, 2009).

Evidence from the brain suggests that the peak of excitatory synaptogenesis appears to be in
postnatal weeks 2 and 3 (Chung et al., 2015; Risher and Eroglu, 2020). How astrocytes

modulate this process appears to be the result of both secreted factors, and contact-dependent
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factors. Beginning with secreted synaptogenic agents, the first protein family to be identified
in astrocyte conditioned media was the thromospondins (TSPs) (Christopherson et al., 2005).
These include five mammalian isoforms (TSP1-5), all of which are synaptogenic, although it
appears they may be differentially expressed by different astrocyte subtypes (Eroglu et al.,
2009). TSP1/2 expression peaks in the first postnatal week before decreasing in the adult
brain. However, other members of the TSP family may be expressed to a higher degree in the
mature CNS, and TSP1/2 is known to be upregulated after CNS injury to support further
synapse formation (Christopherson et al., 2005; Liauw et al., 2008; Risher and Eroglu, 2012).
Another secreted protein called hevin is expressed during development, peaking in postnatal
weeks 2-3 and continuing into adulthood (Chung et al., 2015; Kucukdereli et al., 2011).
Hevin has also been shown to promote excitatory synaptogenesis. However, in this case a
related astrocytic protein called SPARC can antagonise the synaptogenic effect of hevin,
providing a modulatory pair of proteins that can downregulate, as well as upregulate, synapse
formation (Kucukdereli et al., 2011). Further evidence suggests that the synaptogenic effects
of hevin may specifically act to promote healthy synapse development in certain CNS regions
(Risher et al., 2014). It should be noted that electrophysiological validation of newly formed
synapses induced by TSP and hevin alone indicate that they are postsynaptically silent due to
a lack of AMPAR expression. Alternative components of the ACM called Glypicans 4 and 6
are required to increase surface level AMPAR expression and clustering, allowing for
recordable glutamatergic activity (Allen et al., 2012). Many other secreted factors likely
interact to modulate excitatory synapse formation and maturation, for example astrocytic
cholesterol is known to promote synaptogenesis and strengthen presynaptic function (Gortiz

et al., 2005).
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Astrocytic contact with neurons via adhesion molecules appears to also be important in
synaptogenesis. A family of neuronal adhesion proteins called y-protocadherins are also
expressed at the PAPs of protoplasmic astrocytes (Garrett and Weiner, 2009). It has been
shown that contact-dependent mechanisms are critical for excitatory and inhibitory synapse
formation in vitro and appropriate synapse development in vivo (Garrett and Weiner, 2009).
Other contact-dependent factors include Ephrins and Eph receptors, a bidirectional signalling
system between astrocytes and neurons (Risher and Eroglu, 2020). Koeppen and colleagues
(2018) noted that astrocytic knockout of ephrin-B1 resulted in an increase in the number of
excitatory VGLUT 1+ve glutamatergic synapses in the hippocampus, implying it’s presence
acts to negatively regulate synapse formation. This result was replicated, and the inverse
shown when astrocytic ephrin-B1 was overexpressed, causing a reduction in VGLUT1+ve
synapses (Nguyen et al., 2020a). Finally, it was concluded that during a period of synapse
formation and maturation in the hippocampus (P14-28), alteration of ephrin-B1 expression
acts to modulate the overall E-I balance. As noted before, knockout caused increased
glutamatergic synapse formation, in addition to enhanced AMPAR and NMDAR EPSCs,
while EPSCs were reduced in overexpressing mice (Nguyen et al., 2020b). However, it was
also noted that knockout mice showed loss of inhibitory synapses, along with a reduced
number of parvalbumin +ve inhibitory interneurons, which is likely to at least partially
explain this synapse loss (Nguyen et al., 2020Db). It appears therefore that modulation of
ephrin-B1 expression can alter E:|I ratios in developing circuits by affecting both excitatory
and inhibitory synapses. Parvalbumin +ve interneurons are a subset of fast-spiking
GABAergic interneurons with a unique set of properties. Importantly for analysis of E:I ratios
in ALS, these interneurons are also known to be populous in the spinal cord (Booker and

Wyllie, 2017; Nahar et al., 2021; Petitjean et al., 2015).
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It is clear therefore that there are multiple mechanisms by which astrocytes can influence
synapse formation during development. There is also a considerable body of evidence that
supports astrocytes being involved in disease pathogenesis and contributing to neuronal death
in a non-cell autonomous manner (Valori et al., 2014). There is therefore the potential for
astrocytes to undergo aberrant synaptogenic processes. As changes in network-wide
excitability have been noted in the ALS spinal cord (Jiang et al., 2009; Van Zundert et al.,
2008), it has been suggested that this may be the result of excessive excitatory input either to
MNs, or across the network as a whole (Martin and Chang, 2012; Kiernan et al., 2019). As
changes in excitability have been noted at early postnatal stages, there is even the possibility
that a developmental bias in synapse formation ‘primes’ the network towards
hyperexcitability, leading to excitotoxic cell death. When taken together, it is possible that in
ALS network-wide alterations in E-1 balance shift the excitability of the spinal network as a
whole towards cell death, and that this shift in synaptic formation may be modulated by
aberrant astrocytic synaptogenesis. It is this hypothesis that will be investigated in Chapter 4

of this thesis.

3.4. Astrocytic Dysfunction at the Tripartite Synapse

Although astrocytes have important roles in synapse formation, they are also essential
components of mature synapses post-formation, where they dynamically wrap around
synaptic boutons at the tripartite synapse (Garrett and Weiner, 2009). Here they are involved
in the glutamate-glutamine cycle, whereby expression of glutamate transporters allow excess
glutamate to be internalised and subsequently broken down into glutamine. This can then be
transported back to neurons for use in the production of further glutamate, thus sustaining

future synaptic activity (Uwechue et al., 2012; Tani et al., 2014). Such glutamate transport is
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mainly handled by excitatory amino acid transporter 2 (EAAT2), accounting for over 90% of
clearance in the brain (Pajarillo et al., 2019). This is crucial not just for allowing glutamate
recycling to occur, but it also prevents excessive glutamate being retained in the synaptic
cleft, which may cause postsynaptic excitotoxicity both locally and extrasynaptically via
diffusion (Allen and Eroglu, 2017; Pajarillo et al., 2019). Astrocytes also directly modulate
synaptic function in a process called ‘gliotransmission’. For example, spinal astrocytes are
able to directly respond to local neuronal glutamate, causing the release of astrocytic ATP
which is subsequently broken down to adenosine. This then acts at neuronal A; adenosine
receptors, reducing activity of the central pattern generator (CPG) circuitry (Broadhead and
Miles, 2020; Witts et al., 2011). This direct manipulation of neuronal circuitry by astrocytes

has also been noted in the brain (Matos et al., 2018).

First, before we discuss the mechanisms by which dysfunction at the tripartite synapse may
drive ALS pathogenesis, the reported effects of the astrocyte ‘secretome’ should be noted
(Zhao et al., 2020). Multiple studies have shown that beyond the effects of astrocytic contact,
undefined secreted factors in the ACM have been shown to result in MN toxicity in vitro
(Fritz et al., 2013; Nagai et al., 2007; Ramirez-Jarquin et al., 2017). Although this is the case,
dysfunction at the tripartite synapse has been one of the most discussed ALS mechanisms.
This is the case due to early reports of EAAT2 loss in disease. Rothstein and colleagues
(1996) demonstrated in vivo that EAAT?2 is responsible for the majority of glutamate
clearance at the synapse. This is of note, as work in post-mortem tissue from ALS patients
showed a substantial loss (up to 90%) of EAAT?2 protein expression at the time of death
(Rothstein et al., 1995). Work in a SOD1%% rat model showed loss of EAAT?2
immunoreactivity just prior to symptom onset, which progressed to an even more pronounced

loss at end-stage (Howland et al., 2002). Work in multiple mouse models (SOD1%%4 and
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SOD15%R) confirmed loss of EAAT2 by end-stage, although this protein loss was only noted
in the symptomatic stages of disease progression (Bendotti et al., 2001; Bruijn et al., 1997). It
should be noted, however, that Howland et al. (2002) looked just prior to symptom onset in
rats, whilst Bendotti et al. (2001) only measured EAAT?2 expression at broad time points (8W
presymptomatic, 14W early symptomatic). A presymptomatic loss could have emerged in
this large gap between timepoints when animals weren’t tested. One thing to note, however,
is that although EAAT?2 protein loss is consistent, it was shown that there was no concurrent
loss of EAAT2 mRNA (Bendotti et al., 2001). Later work using immunoblotting showed that
a presymptomatic loss of EAAT2 was present, together with the concurrent appearance of a
band corresponding to truncated EAAT2 (Boston-Howes et al., 2006; Gibb et al., 2007). This
was shown to be to the result of EAAT2 being cleaved by caspase-3, as in the presence of
oxidative stress, SOD1 mutants showed significantly more caspase-3 activation, and resulting
decreases in EAAT2-mediated glutamate uptake (Boston-Howes et al., 2006). It may be the
case therefore, that loss of EAAT2 at late-presymptomatic stages is due to cleavage of
translated protein rather than alterations in EAAT2-mRNA production. Together with
evidence that drug-induced upregulation of EAAT2 can prolong survival in ALS mouse
models (Ganel et al., 2006; Rothstein et al., 2005), it appears that dysfunctional modulation

of glutamate at the tripartite synapse likely contributes to cell death in ALS.

Beyond modulation of glutamate transport, perturbations in gliotransmission provide another
avenue by which dysfunction at the tripartite synapse may drive ALS pathogenesis. As
described earlier, astrocytes are able to react to local glutamate release and produce ATP,
which then degrades to adenosine. This then acts on neuronal CPG A adenosine receptors to
inhibit neuronal activity (Broadhead and Miles, 2020; Witts et al., 2011). It is feasible

therefore that disruption of this bi-directional signalling mechanism could result in excessive

60



excitability of the network. Indeed, ALS patient cerebrospinal fluid shows increased levels of
adenosine (Yoshida et al., 1999), in addition to post-mortem tissue showing increased
expression of the excitatory Azareceptor (Ng et al., 2015). This study also showed that
pharmacological inhibition of Az, receptors delayed disease progression of SOD1%%A mice,
so it is possible that an imbalance of gliotransmission could bias circuitry towards excitatory

transmission.

Astrocytes have been repeatedly implicated in ALS pathogenesis (Valori et al., 2014), and
their multitude of essential functions at the tripartite synapse give them the potential to be a
vulnerable fulcrum of disease. Their modulation of excitatory signalling via glutamate
transport and gliotransmission make them important structures to investigate in ALS. This is
particularly the case as evidence of widescale changes in the excitability of spinal circuitry
implicates possible changes in tripartite synapses throughout the grey matter. Therefore,
investigating tripartite properties at different stages of disease is essential, as they represent a

target for reducing excitotoxic cell death in clinical trials (Rosenblum and Trotti, 2017).

Taken together, we hope to investigate 2 potential toxic mechanisms of astrocyte-synapse
interactions in ALS (see Fig. 6):
1. We hypothesise that ALS could be a developmental disorder, in which astrocytes
aberrantly undergo synaptogenic processes resulting in increased E:| ratios.
2. We hypothesise that the tripartite synapse may be a vulnerable fulcrum of disease in

ALS, and could represent a site of future intervention.
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Figure 6: Schematic describing possible mechanistic sources of ALS hyperexcitability

and subsequent excitotoxicity. Intrinsic hyperexcitability of the neurons may be the route

cause. In addition, alterations in E:| ratios could lead to excess excitability. This may be

the result of a number of mechanisms including aberrant microglial synaptic

phagocytosis or potentially an astrocyte-derived synaptogenesis perturbation in

development, potentially resulting in excitotoxic cell death. Finally, astrocytic

dysfunction at the tripartite synapse may also cause such toxicity.
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Materials and Methods
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1. Animals and Ethics

1.1. Animal Breeding

All procedures performed on animals were performed in accordance with the UK Animals
(Scientific Procedures) Act 1986 and approved by the University of St Andrews Animal
Welfare and Ethics Committee. SOD1¢%* and PSD95-eGFP animals were maintained on a
C57bl/6 background, while COBAC500 animals were maintained on an FVB background.
Both heterozygous ALS mouse lines were bred with PSD95-eGFP** animals to produce
offspring that all expressed PSD95-eGFP*". As C9BAC500 animals were on a different
background strain, all C9BAC500 PSD95-eGFP animals used were first generation
FVB/C57bl/6 crosses. Both SOD1%** and COBAC500 lines were provided by Dr. Richard
Mead (University of Sheffield), whilst the PSD95-eGFP line was obtained from Prof. Seth

Grant (University of Edinburgh).

1.2. Phenotype Monitoring

ALS motor phenotypes were monitored using a 0-4 scoring system; 4 showed no motor
phenotype, 3 showed hind-limb splay and tremors when lifted by the tail, 2 showed gait
abnormalities when freely moving, 1 showed hind limb dragging and 0 showed the inability
to self-right after being placed on their back for 30s. Mice were euthanised when they

reached a phenotypic score of 2 or lower.
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2. Polymerase Chain Reaction (PCR)

2.1. PCR Protocol

Neonatal progeny of either SOD1°%%A *- x PSD95-eGFP *'* or COBAC500 *- x PSD95-eGFP
** were tail-sampled (with local topical anaesthetic) 1 day before sacrifice for genotyping.
Tail samples approx. 2mm in length were added directly to 75ul alkaline lysis reagent (all
reagent recipes listed in section 2.2) and heated at 95°C for 30 minutes, before agitation to
ensure complete tissue breakdown. This extracted DNA solution was then cooled at 4°C for
10 minutes, before addition of 75ul neutralisation solution. After thorough mixing, a PCR
master-mix was then made using the following primers for SOD1%%4 or COBAC500

samples:

SOD1G93A
Forward: 5°-CAT CAG CCC TAA TCC ATC TGA-3’
Reverse: 5°-CGC GAC TAA CAA TCA AAG TGA-3’
Forward Control;: 5°-CTA GGC CAC AGA ATT GAA AGA TCT-3’
Reverse Control: 5°-GTA GGT GGA AAT TCT AGC ATC ATC C-3°

C9BAC500
Forward: 5°-TCG AAA TGC AGA GAG TGG TG-3’
Reverse: 5°-CTT CCT TTC CGG ATT ATATGT G-3°
Forward Control: 5°’-CTG TCC CTG TAT GCC TCT GG-3°
Reverse Control: 5°- AGA TGG AGA AAG GAC TAG GCT ACA-3’

Following thorough mixing, 2ul of DNA solution was added to 23ul of master-mix for each

sample, mixed, and placed in the thermocycler undergoing the following sequence:
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1. 94°C, 3.00 (min.secs)
2. 94°C,0.15

65°C, 0.15

-0.5°C per cycle

4. 68°C, 0.01

5. GO TO step 2, 10x
6. 94°C,0.15
7
8
9

w

. 60°C, 0.15

. 72°C,0.01

. GO TO step 6, 28X
10. 72°C, 1.00
11. 14°C, hold

An agarose gel was prepared (Sigma Aldrich, 1.5%) in 1x tris borate EDTA (TBE) (Sigma
Aldrich) running buffer. 5ul RedSafe DNA Stain 20000x (Chembio) was added to the
agarose solution, which was left to set for 25 minutes. PCR samples were removed from the
thermocycler, then 5ul of TriTrack loading dye (6X) (Thermo Scientific) added to each
sample. 10ul of this final solution was then pipetted into the wells of the agarose gel, which
had already been placed in a gel tank and submerged in 1x TBE running buffer. A voltage of
approximately 156V was applied for 20 minutes and DNA bands were visualised under UV
light to identify sample genotype. Positive and negative control samples were always run

alongside experimental samples to confirm results (see Fig 7).
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Figure 7: Example images of electrophoresis gels used in PCR protocol to identify
genotype. (Left) From left to right: SOD1%%** +ve sample (double band), SOD1%%4 -ve

sample (single control band) and DNA ladder (L). (Right) From left to right: COBAC500

+ve sample (double band), C9BAC500 -ve sample (single control band) and DNA ladder
(L).

2.2. PCR Reagents

Alkaline Lysis Reagent:

0.5g NaOH (25mM)
0.03722g Na?-EDTA 2H,0 (0.2mM)
Dilute up to 500ml w. dH20, pH approx. 12

Neutralisation Solution:

3.152¢g Tris-HCI (40mM)
Dilute up to 500ml w. dH»0, pH approx. 5
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PCR Master-Mix

Component Final Concentration Per Sample
PCR-Grade H20 Upto 25 ul 9.8ul
5x KAPA 2G HS Buffer MgCl2 1x Sul
FREE
25mM MgCl2 2.5mM 2.6ul
10mM dNTP KAPA 0.2mM 0.5ul
10uM F Primer 0.5uM 1.25ul
10uM R Primer 0.5uM 1.25ul
10uM F Control Primer 0.5uM 1.25ul
10uM R Control Primer 0.5uM 1.25ul
5KAPA 2G HS Taq Polymerase 0.5U 0.1l
5U0/ul

3. Primary Cell Culture

3.1. Neonatal Spinal Cord Tissue Collection (Primary Culture)

Animals were cervically dislocated, decapitated, and had their spinal cords dissected free-
floating in ‘Tissue Collection Solution’ (TCS), part of the NeuroCult Enzyme Dissociation
Kit for Adult CNS Tissue (Stemcell Technology). Free spinal cords were trimmed at the
thoracic and sacral boundaries to isolate the lumbar cord. Next, their DRGs, roots and
meninges were removed. All cords were dissected in genotype-specific petri dishes to prevent
crossover of tissue and kept on ice to promote tissue health. Cords were then diced with

sterile scalpels and transferred to falcon tubes with approximately 4-5ml of TCS.
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3.2. Mouse Spinal Primary Neuron Cultures

See Fig. 8 for a simplified schematic. One day before DIV 0, non-etched coverslips sterilised
with 100% ethanol were coated in a 0.22um-filtered 1:20 poly-D-lysine (PDL) (Sigma-
Aldrich) solution overnight at 37°C in the incubator. The following morning, the PDL
solution was removed, and coverslips washed twice in dH20. Laminin (Sigma-Alrich) was
utilised as a secondary coating, with 350l of 0.22um filtered 1pug/35ul laminin solution
being applied to the coverslips for 2 hours at room temperature. Dissections were carried out,
and just before transport to the cell culture hood, papain latex (Sigma-Aldrich / Stemcell
Tech) solution was thawed at 37°C in the water bath. TCS was removed, before addition of
1.5ml papain latex solution to the diced tissue (whilst changing falcons to maintain sterility).
This was incubated at 37°C for 20 minutes, agitating every 5-10 minutes. After incubation,
the papain latex solution was removed and replaced with fresh 1.5ml papain latex before a

further 20 min water bath incubation.

Tissue was then washed 3x with 3ml Neurobasal A" (NBA™) growth medium, again changing
tubes to stop the action of any remaining papain present in the falcon. The 3" wash was
removed, and using a 5ml stripette, 2ml of NBA™ was used to stripette up and down 50-60
times in order to triturate the spinal tissue, before topping up with a further 2ml NBA*. This
was then left to settle for 5 minutes at 37°C. 2ml of the solution above the tissue was removed
and placed in a dedicated falcon for single-cell solution. The process of media addition,
trituration, settling and single cell solution transfer was repeated 2 more times, however on
the 3" trituration step, a further 15 resuspensions with a P1000 pipette were conducted to
ensure complete tissue dissociation. Single-cell solutions for both positive and negative

genotypes were placed in a centrifuge for 4min at 200 RCF (Relative Centrifugal Force)
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Figure 8: Methodology for producing postnatal spinal neurons. Lumbar spinal sections
were isolated from postnatal day (P)2-3 mice and mechanically dissociated. Papain is
used to preserve neuron viability, with U/FDU treatments post-plating removing mitotic

astrocyte populations.

before removal of the supernatant. Pellets were resuspended in 1ml NBA*, before counting
using a haemocytometer. Cells were plated at 300,000 cells per well and left for 1 hour at
37°C to allow neurons to settle. After this, cells were washed twice with 500ml NBA (Gibco)
to remove dead cells, before addition of 500ml NBA™ w. uridine / fluorodeoxyuridine
(U/FDU, both Sigma-Aldrich) at 1:10000 in order to stop the growth of mitotic astrocytes.
Cells received a full feed of 500ml NBA™ U/FDU 2-3 days later, before moving to

Brainphys™ half-feeds every 2-3 days following this.
3.3. Mouse Spinal Astrocyte Cultures

See Fig. 9 for a simplified schematic. The day prior to DIV 0, 75ml flasks were coated with
1:100 PDL solution and left in the incubator at 37°C. The next day, flasks were washed twice

with 10ml dH20 and left to dry. During the final stages of dissection, the proprietary
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‘Inhibition Solution’ and ‘Dissociation Enzyme’ were warmed to room temperature
(NeuroCult Enzyme Dissociation Kit for Adult CNS Tissue, Stemcell Technology). After
isolation of the cords, the TCS was removed and 1.5ml of ‘Dissociation Enzyme’ was added
whilst transferring to a new 15ml falcon to minimise contamination risk. Falcons were
incubated strictly for 3 minutes in a water bath at 37°C. After incubation, 1.5ml of ‘Inhibition
Solution” was added, and after allowing the tissue to settle, all 3ml was removed. The tissue
was transferred to another fresh 15ml tube with astrocyte media. A further 2 washes (total of
3) were conducted, allowing the tissue to settle between each. The final wash was removed,
and the tissue resuspended in 2ml of astrocyte media. A 5ml stereological stripette was then
used to agitate the tissue, moving the solution up and down 30-40 times. A further 2ml of
media was added and the falcon placed in a water bath at 37°C for 5 min. 3ml of the solution
was removed and added to a new falcon for our single-cell solution. The agitation step was
repeated as before, this time 4ml was removed and added to the single cell tube. A final
resuspension was conducted by adding 1ml and triturating using a 1000l pipette tip to aid in
breaking up the remaining tissue. 1ml more astrocyte media was added, before a final 5-
minute 37°C incubation to allow any debris / surviving meninges to settle at the bottom of the
falcon. The solution was then transferred to the single cell tube except for the last approx.
250pl of solution in order to avoid transfer of debris resting at the bottom. The single-cell
solution was stripetted up-and-down to aid in de-clumping of cells, before being added to the

coated flask containing 5ml of astrocyte media.

When flasks reached near-100% confluency (approx. 10 days), flasks were washed with PBS
to remove any serum in the astrocyte media which could later inhibit TrypLE. 3ml of TrypLE
(Gibco) was added to each flask and incubated at 37°C for 10 minutes. This acted to free the

cells from the flask coating. Flasks were gently agitated in order to dislodge any cells still

71



stuck down. 5ml of media was added to neutralise the TrypLE, and the flask contents were
moved to a 15ml falcon. Another 5ml of astrocyte media was used to spray down each flask
to collect any remaining cells. The single cell solution was centrifuged at 300 RCF for 5
minutes. The supernatant was removed, and cell pellets were resuspended in 1ml of astrocyte
media before counting using a haemocytometer. Astrocytes were plated at 100,000 cells per

well in a 24 well plate, with sterilised coverslips coated in 1:100 PDL solution.
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Figure 9: Methodology for producing postnatal spinal astrocytes. Lumbar spinal sections
were isolated from P2-4 mice and mechanically dissociated. Tissue was incubated in
Stem Cell Tech’s proprietary dissociation enzyme before further mechanical agitation.
Suspended cells were separated from spinal debris and grown until confluency at approx.

10 days, before replating.
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3.4. Mouse Spinal Co-Cultures

Astrocytes were found to be confluent between 9 and 13 days. When this was the case,
astrocytes were replated and maintained. Neurons were plated (as described previously) on
top of astrocytes from DIV 14 onward, with the astrocytes being washed with NBA prior to
neuron plating to remove any astrocyte media. Co-cultures were grown with the same feeding
schedule as neurons, including the 2 pulses of U/FDU to ensure astrocytes from the neuron

platedown did not significantly proliferate.

3.5. Primary Cell Culture Reagents

PDL.: 1:20 (neurons) or 1:100 (astrocytes) PDL solutions were made by diluting 2mg/ml

stock in dH20, before running through a 0.22um filter.

Laminin Solution: Stock solution (1-2mg/ml) was diluted with NBA, for a total of 350pl
solution per well containing 10pug of laminin. In a Img/ml stock, this would simply be 10ul
of laminin stock in 340ul NBA. Batch variability was taken into account however, and the
total volume of stock solution to be diluted was adjusted to ensure there was 10ug of laminin

per well (e.g. if one batch = 1.2mg/ml, 8.33ul contains 10pg). This was then 0.22um filtered.

Papain Latex Solution: Lyophilised powder contains approx. 10 units/mg. Batch variability
was taken into account to ensure consistent concentrations, as a single papain bottle contains
1000 units (e.g. if 13 units/mg, 1000/13 = 76.92mg was used). This was added to a bottle
containing 45mg L-Cysteine (Sigma-Aldrich) and 18.917mg kynurenic acid (Sigma-Aldrich),
before 100ml TCS was added. The papain latex was dissolved by periodically warming at
37°C in a water bath for 2 minutes. Once dissolved, this solution was 0.22um filtered to

sterilise.
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NBA*: 96.75ml of Neurobasal A media was mixed with 2ml of B27 neuronal supplement
(Gibco), 0.25ml of Glutamax (Gibco) and 1ml Antibiotic-Antimycotic (Anti-Anti) (Gibco) to
create our initial neuronal growth medium. This was then 0.22um filtered to sterilise. NBA*

was stored at 4°C and used for up to 1 week.

Brainphys*:19.4ml of Brainphys neuronal media (Stemcell Technology) was mixed with
0.4ml 2% Neurocult SM1 supplement (Stemcell Technology) and 0.2ml Anti-Anti. The

mixture was 0.22um filtered to sterilise. Could be stored for up to 1 month at 4°C.

Astrocyte Media: 500ml of DMEM + Glutamax, low glucose, pyruvate (Gibco) was mixed
with 50ml 10% FBS (Gibco) and 5ml 1% Anti-Anti. This was then 0.22um filtered to

sterilise and could be stored at 4°C for up to 1 month.

4. iPSC Culture

4.1. iPSC Differentiation and MN Maturation

Day 0: iPSCs were dissociated using TrypLE, collected and washed with KO DMEM
(Gibco), before being spun down for 5min @ 200-250 RCF. Supernatant was aspirated,
before resuspension in Day 0 Differentiation medium. This consisted of Differentiation Base
medium supplemented with: Rock inhibitor (Tocris, 10uM final), SB-431542 (Tocris, 20pM
final), LDN-193189 (Sigma-Aldrich, 0.1uM final), CHIR-99021 (Tocris, 3uM final) and
ascorbic acid (AA, Sigma-Aldrich, 10uM final). Cells were plated at 2x10° cells/ml on ultra-

low attachment plates.
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Day 2: Neurospheres were spun down @ 200 RCF for 3 mins, before resuspension in
Differentiation Base medium supplemented with: Rock inhibitor (10uM final), SB-431542
(20uM final), LDN-193189 (0.1uM final), CHIR-99021 (3uM final) and AA (10uM final),
retinoic acid (RA, Sigma-Aldrich, 100nM final) and smoothened agonist (SAG, Millipore

500nM final).

Day 4: Repeat day 2.

Day 7: Cells were spun down @ 200 RCF for 3 mins. Resuspended in Differentiation Base
medium supplemented with: AA (10uM final), RA (100nM final), SAG (500nM final) and

brain-derived neurotrophic factor (BDNF, R&D Systems, 0.01 pg/ml).

Day 9: Neurospheres were resuspended in Differentiation Base medium supplemented with:
AA (10uM final), RA (100nM final), SAG (500nM final), BDNF (0.01pg/ml) and DAPT

(Tocris, 0.01mM).

Day 11: Repeat day 9.

Day 14: Neurospheres were resuspended in Differentiation Base medium supplemented with:
AA (10uM final), RA (100nM final), BDNF (0.01pg/ml), DAPT (0.01mM) and glial-derived

neurotrophic factor (GDNF, R&D Systems, 0.01pg/ml).

Day 15: Day before dissociation, coverslips were coated with Matrigel Matrix (Corning) in

KO DMEM @ 1:30 (stock = 10mg/ml).
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Day 16 (Dissociation): Neurospheres were collected and washed in PBS. 0.05% trypsin

(Gibco) + DNase (Sigma-Aldrich) was added, before a brief 15 min incubation at 37°C.

Trypsin was inhibited with FBS + DNase, before addition of 5ml Maturation Base medium.

Supernatant was removed before dissociation of neurospheres with a P1000, which was
repeated a 2" time, adding single cell solutions to a separate falcon. Cells were centrifuged

@ 200-250 RCF for 5 min. Supernatant was removed before resuspension in Maturation

Platedown medium (Maturation Base medium + GDNF (1:100), BDNF (1:1000), insulin-like

growth factor (IGF-1, R&D Systems, 1:1000), ciliary neurotrophic factor (CNTF, R&D
Systems, 1:1000), GIUE (Sigma-Aldrich, 1:1000), RA (1:10,000) and AA (1:1000)). Cells

were counted and plated on 24 well plates @ 120,000 cells per well.

Cells were subsequently half-fed every 2-3 days in Maturation Platedown medium w.o. GIUE.

4.2. iPSC Media

Differentiation Base Medium (Day 0-15):

94.8ml Advanced DMEM/F12 (Gibco)

94.8ml Neurobasal medium

2ml Anti-Anti

2ml 1X Glutamax

0.4ml 100puM B-mercaptoethanol (B-ME, Gibco)
4ml B27 supplement

2ml N2 supplement (Gibco)

Maturation Base Medium (Day 16-28):

480ml Neurobasal medium

5ml 1X Glutamax

5ml Non-essential Amino Acids (NEAA) (Gibco)
2ml 100uM B-ME

4ml B27 supplement

2ml N2 supplement

5ml Anti-Anti
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5. Mouse Spinal Tissue Processing

5.1. Spinal Cord Tissue Collection (Fixed Tissue)

Adult mice were transcardially perfused with 4% paraformaldehyde (diluted w. dH20 from
16% stock) (PFA, Alfa Aesar), before the spinal cord was removed and placed in aliquots of
PFA for a further 4 hours. Cords were then washed in PBS, before being left in 30% sucrose
solution overnight at 4°C. Finally, they were incubated in an equal mixture of sucrose sol. /
OCT (optimal cutting temperature) embedding compound (Scigen) for 2 hours. The tissue
was then placed in embedding moulds w. OCT compound and frozen at -80°C. Embedded
blocks were sliced at approx. 20um using a Leica CM1860 cyrostat onto Superfrost Gold

Plus glass slides (VWR).

6. Immunocytochemical / Immunohistochemical Techniques

6.1. Immunocytochemistry Primary Culture

Coverslips were washed in Dulbecco’s Phosphate-buffered Saline (DPBS, containing Cl- and
Mg?*, Gibco) and fixed for 25 minutes in 4% PFA, before 3 further washes in DPBS. Cells
were then permeabilised in DPBS w. 0.1% Triton X100 (TriX) for 10 minutes. Following
this, DPBS w. 5% bovine serum albumin (BSA) / 0.1% TriX was added, and cells were
blocked for 1 hour. Primary antibodies were diluted in this solution, using a combination of

the following antibodies depending on the study:

Rb anti-p-111 Tubulin (1:1000, Abcam), Rb anti-Connexin-43 (1:500, Sigma-
Aldrich), Rb anti-EAAT2 (1:500, Bioss Inc.), Gt anti-Ephrin-B1 (1:500,

Biotechne), Ms anti-Gephyrin (1:500, Synaptic Systems), Ch anti-GFAP (1:500,
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Aves Labs Inc.), Ms anti-Glutamine Synthetase (1:500, ProteinTech), Rb anti-
Oligodendrocyte Specific Protein (1:500, Abcam), Rb anti-pEzrin (1:500, Abcam),
Ms anti-PSD95 (1:500, Abcam), Ms anti-SMI-32 (1:1000, Biolegend), Rb anti-

Synapsin (1:500, Cell Signalling) and Rb anti-TMEM119 (1:500, Abcam)

This incubation was done overnight. Following this, 3 5-minute washes in DPBS w. 0.1%
TriX were performed. Again, DPBS w. 5% BSA / 0.1% TriX was used to dilute secondary

antibodies in, which included:

Dk anti-Gt Alexa Fluor 488 (1:1000, Invitrogen), Gt anti-Rb Alexa Fluor 488 Plus
(1:1000, Invitrogen), Dk anti-Ms Alexa Fluor 555 (1:1000, Invitrogen), Gt anti-Ch
Alexa Fluor 647 Plus (1:1000, Invitrogen), Dk anti-Rb Alexa Fluor 647 Plus

(1:1000, Invitrogen)

Coverslips were incubated in secondary antibody solution for 1 hour, before being washed 3
times in DPBS. Finally, coverslips were incubated in 1:5000 DAPI solution (Stock = 5mg/ml,
Sigma-Aldrich) for 10 minutes. Following a DPBS wash, coverslips were mounted face down

onto microscopy slides with Vectashield Vibrance (Vector Labs) mounting media.

6.2. Immunocytochemistry iPSC-derived Neurons

Immunocytochemistry was performed as described in Section 6.1. Primary antibodies used

included:
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Gt anti-GADG5 (1:500, Abcam), Ms anti-Gephyrin (1:500, Synaptic Systems), GP
anti-PSD95 (1:500, Synaptic Systems), Rb anti-Synapsin (1:500, Cell Signalling)

and Rb anti-VGAT (1:500, Protein Tech)

Secondary antibodies used included:

Dk anti-Gt Alexa Fluor 488 (1:1000, Invitrogen), Gt anti-Rb Alexa Fluor 488 Plus
(2:1000, Invitrogen), Dk anti-Ms Alexa Fluor 555 (1:1000, Invitrogen), Gt anti-GP
Alexa Fluor 647 (1:1000, Abcam) and Dk anti-Rb Alexa Fluor 647 Plus (1:1000,

Invitrogen)

6.3. Immunohistochemistry Spinal Tissue

Slides were removed from -80°C storage, placed in a closed slide box and left at 37°C for
30min in an incubator to allow the mounting PBS / condensation to evaporate and improve
tissue adhesion to the slides. These were then washed in PBS (Gibco) 3 times. The slides
were dried around the tissue, and a hydrophobic pen used to circle around slices. 25ul of

PBS w. 3% BSA /0.25% TriX solution was added to each tissue sample and incubated in a
covered container for 2 hours. Primary ABs were diluted in PBS w. 1.5% BSA /0.125% TriX

and incubated with tissue for 2 nights. These were as follows:

Ch anti-ChAT (1:250), Rb anti-EAAT?2 (1:500, Bioss Inc., Gt anti-Ephrin-B1
(1:250, Biotechne), Ms anti-Gephyrin (1:500, Synaptic Systems), Rb anti-GFAP
(1:500, DAKO), Ms anti-Glutamine Synthetase (1:500, ProteinTech), Rb anti-

Oligodendrocyte Specific Protein (1:500, Abcam), Rb anti-pEzrin (1:500, Abcam),
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Rb anti-Synapsin (1:500, Cell Signalling), Rb anti-TMEM119 (1:500, Abcam) and

Ms anti-VGLUT2 (1:500, Abcam)

Primary antibody solution was then removed, and slides washed 5 times in PBS for 10

minutes each. Secondary ABs were prepared in PBS w. 0.1% TriX. These included:

Gt anti-Ms FITC (1:200, Jackson), Dk anti-Gt Alexa Fluor 488 (1:500, Invitrogen),
Dk anti-Rb Cy3 (1:200, Jackson), Dk anti-Ms Alexa Fluor 555 (1:500, Invitrogen),
Dk anti-Rb Alexa Fluor 594 (1:200, Abcam), Gt anti-Ch Alexa Fluor 647 (1:250,

Invitrogen) and Dk anti-Rb Alexa Fluor 647 Plus (1:500, Invitrogen)

If DAPI (Sigma Aldrich) was being applied, a 1:5000 dilution was added for 10 mins. Slides

were finally washed once in dH20 and were mounted in Mowiol with 13mm coverslips.

6.3.1. Mowiol

2.4g of Mowiol (Millipore) was slowly added to 69 of glycerol (Sigma-Aldrich) whist mixing
over the course of 1 hour. 5ml of dH>O was added, mixing for 1 min and left at room
temperature overnight, covered. The next day, 12ml of 0.2M Tris (pH 8.5) heated to 50°C
was added, mixing for 1 hr. The mixture was then centrifuged at 3850 RCF for 15min. The
supernatant was then removed, leaving 0.5ml to exclude residue. 2.5g/100ml DABCO
(Sigma-Aldrich) was then added, before inversion to mix. Solution was cooled to 4°C and
allowed to settle, so air bubbles could rise and be excluded. This final solution was then

aliquoted and stored at -20°C.
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6.4. Immunohistochemistry Human Post-Mortem Tissue

Human spinal cord sections were obtained from the Edinburgh Brain and Tissue Bank, with
the help of Prof. Colin Smith. Ethical approval was provided by the East of Scotland
Research Ethics Service REC 1 (16/ED/0084). ALS spinal sections were obtained from
patients who died of the condition and harboured mutations in the C9orf72 (5 cases, all male,
av. age = 57.6 years) or SOD1 gene (4 cases, all male, av. age = 54 years), with age matched
control sections obtained from patients who died of natural causes (6 cases, 5 male / 1 female,
av. age = 57.2 years). Protocol was adapted from Curran et al. (2021). 4um sections were
provided fixed and paraffin embedded. These were de-paraffinised using sequential washes
of Xylene (Sigma-Aldrich), 100% ethanol, 95% ethanol, 70% ethanol and 50% ethanol,
before an antigen retrieval step. This was done using a citric acid solution (pH 6.0), whereby
sections were submerged and steamed for 20 min at 95°C to aid in the reveal of epitopes. This
was followed by 3 washes in PBS, before incubation with 1x Tris-buffered Saline (TBS) w.
5% BSA /0.2% TriX for 2 hours at room temperature. Primary antibodies were diluted in
TBS w. 3% BSA /0.2% TriX, and sections were incubated in this at 4° C for two nights. The

primary antibodies used were:

Rb anti-pEzrin (1:250, Abcam) and GP anti-PSD95 (1:500, Synaptic Systems)

This was followed by 5 TBS w. 0.2% TriX washes. Secondary antibody solutions were then
prepared in TBS w. 0.2% TriX, and tissue incubated with these for 3 hours at room

temperature. The secondary antibodies utilised were as follows:

Gt anti-Rb Cy3 (1:250, Life Tech) and Gt anti-GP Alexa Fluor 647 (1:500, Abcam)
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5-6 washes in PBS w. 0.2% TriX were conducted, before a single dH>O wash, drying and

mounting with Mowiol.

6.5. Imaging Strategy and Data Collection

High resolution imaging was conducted on a Zeiss Axio Imager M2 Microscope equipped
with an Apotome 2.0. Illumination was provided by a HXP120 bulb, and images were
acquired at x63 magnification using a digital MRm camera. Super-resolution imaging was
conducted on a Leica SP8 SMD g-STED microscope at the Edinburgh Super-Resolution
Imaging Consortium hosted by Heriot Watt University. Excitation was provided by a CW
super-continuum white light laser source at 488nm, with depletion provided by 594 and
774nm lasers. Images were acquired with a x100 magnification STED objective lens. During

all imaging, exposure times and illumination settings were kept consistent within datasets.

Cell culture imaging involved pseudo-random capture of 10 images per coverslip to account
for variability across different areas of the sample. If multiple coverslips were available in
one condition per platedown, images across all coverslips were averaged to give the mean
value for that platedown. In the case of co-culture imaging, as neurons were not abundant
across all of the coverslip, imaging was guided in the synapsin channel without switching to
postsynaptic channels in order to avoid unconscious bias towards excitatory or inhibitory

synapse capture.

82



Spinal cord hemi-sect imaging involved creation of a ROI, whereby x63 magnification
images were captured encompassing the whole hemi-section and subsequently stitched. One

hemi-section per mouse was obtained.

6.6. Data Analysis and Statistics

Astrocyte Quantification

Analysis was conducted using CellProfiler (McQuin et al., 2018) in order to consistently
analyse large numbers of images in a high-throughput manner. Multi-channel images were
split into single channels and fed into custom pipelines. For quantification of % cells
expressing GFAP or GS, DAPI +ve nuclei were identified as primary objects, as were GFAP
and GS +ve areas. GFAP and GS masks could be overlayed onto the DAPI primary objects.
The number of nuclei co-localising with these markers was then calculated as a % of total
nuclei. For quantification of EAAT2, Cx43 and ephrin-B1, images were fed into the
‘EnhanceOrSuppressFeatures’ module to subtract background signal before subsequent
identification of primary objects from this output. This was used to create a mask, which was
overlayed onto the raw images of each marker. The ‘MeasureObjectIntensity’ module then
calculated integrated intensity values of identified objects for each marker. In the case of
EAATZ2 and Cx43 during initial astrocyte characterisation, only the integrated intensity
values of objects within GS +ve masks were calculated to ensure quantification strictly in
astrocytes. As >99% of cells expressed GS, however, this was deemed unnecessary during

ephrin-B1 quantification.
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Synaptic Quantification

Quantification of synapses was performed in Fiji is just ImageJ (FI1JI) (Schindelin et al.,
2012). For all in vitro work (primary co-culture and iPSC-derived MNs), images were
processed using background subtraction and gaussian smoothing to increase clarity of
synaptic puncta. For detection of synapsin, Moments-based thresholding was utilised, while
for PSD95 and gephyrin Otsu-based thresholding was used. Typically, a degree of manual
adjustment was required, however. The experimenter was blinded to genotype conditions
during imaging and analysis to avoid unconscious bias during this step. Minimum and
maximum size thresholds were set to avoid detection of both very dim structures, as well as
large supra-synaptic sized objects that were likely lipofuscin aggregates or other debris.
Thresholding produced binarised images, with the co-localisation of pre- and postsynaptic
objects (by at least 1 pixel) being interpreted as a synapse. This was determined to be the
case, as the maximum resolution of the Zeiss system (approx. 320pum) would not allow for
accurate observation of the gap at the synaptic cleft (approx. 25um) (Zuber et al., 2005), and
instead we would expect to see overlap of both markers. This is exacerbated by the size of the
primary-secondary antibody complex (single ABs approx. 10um in length (Reth, 2013)),
meaning the fluorophore is further from the antigen. When taken together, 1 pixel or greater

overlap was deemed sensible for synaptic analysis.

Immunohistochemical work in mouse and post-mortem human spinal tissue was done
similarly. Delineation of Rexed’s laminae was completed using a standard mouse spinal cord
anatomical atlas as reference (Watson et al., 2009). For clarity, lamina 8 contains a
heterogenous population of ventral neurons including the medial MN pool, whilst lamina 9

contains the lateral MN pool. Thresholding was completed on a lamina-by-lamina basis in
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these data sets in order to accurately detect all structures within each region without

variability of expression between laminae causing dimmer puncta to be missed.

Statistics

Data processing was performed in Microsoft Excel. Statistical analysis and graph preparation
were performed in both Excel and Prism 9 (Graphpad). Data was assessed for normality
using the Shapiro-Wilk test, and when applicable for two-way ANOVAs, Geisser-
Greenhouse corrected values were calculated as sphericity was not assumed. For datasets that
contained missing values in a time course study (Chapter 3: Fig. 11 and 12), Prism 9 provides
an alternative to a multi-factorial two-way ANOVA (which does not tolerate missing values
and instead removes all values in that platedown). This is called a mixed effects analysis and
was deemed as the most appropriate statistical test to maximise power with the data available.
Two-way ANOVASs were conducted for all normalised synapse counts (Chapter 4: Fig. 18,
19 and 23), tissue E:I ratio quantification (Chapter 4: Fig. 21), synaptic mapping (Chapter 4:
Fig. 21, Chapter 5: Fig. 29 and 30), tripartite mapping (Chapter 5: Fig. 29 and 30) and ephrin-
B1 quantification (Chapter 4: Fig. 20). Multiple comparisons testing was done using either
Sidék or Tukey corrections as recommended depending on the number of comparisons
conducted. One-way ANOVAs were used for primary culture E:1 ratios (between-subjects,
Chapter 4: Fig. 18 and 19), post-mortem non-tripartite and tripartite synapse densities
(between-subjects, Chapter 5: Fig. 31) and PSD properties of different synaptic subtypes
(within-subjects, Chapter 5: Fig. 27). Unpaired T-tests were used for comparisons of iPSC-
derived MN E:I ratios and adjusted E:l ratios (Chapter 4, Fig. 23), ALS MN quantification
(Chapter 5, Fig. 28) and post-mortem PSD densities when ALS cases were considered one
group (Chapter 5, Fig. 31). Statistical significance is denoted as follows: * = <0.05, ** =

<0.01, *** = <0.001, **** = <0.0001.
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6.7. Antibody Negative Controls

All presented immuno images were conducted alongside no primary negative controls in
order to assure secondary antibodies were binding to their desired epitopes. Fig. 10 shows
accompanying -ve controls for all demonstrated antibodies, which are white-matched within

F1JI to their corresponding positive images to provide a representative level of fluorescence.
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Primary AB  No Primary AB Primary AB  No Primary AB

$-III Tubulin

Gephyrin

VGLUT2

Figure 10: Images showing markers used, alongside no primary antibody controls in
vitro. Images were taken in their relevant culture types (Primary Neurons: B-1II
Tubulin, Gephyrin, PSD95, Synapsin, SM1 32 and VGLUT2. Primary Astrocytes:
Cx43, EAAT2, Ephrin-B1, GFAP, GS, OSP, P-Ezrin and TMEM119. iPSC-derived
MNs: GADG65 and VGAT).
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7. Electrophysiology

7.1.Whole-Cell Patch-Clamp Recordings

Coverslips were placed in a recording chamber with oxygenated artificial cerebral spinal fluid
(aCSF) which was circulated at room temperature. Patch electrodes were pulled using a
Sutter P-97 horizontal puller (Sutter Instrument Company) from borosilicate glass capillaries
(World Precision Instruments), with accepted electrodes having a range of approximately 5-
8MAQ resistance values. These were filled with Internal Recording solution before being
placed on the rig. Cells were visualised using an Olympus upright BX51WI microscope
equipped with a x40 submersion lens. Signals were amplified and filtered using a
MultiClamp 700B amplifier (Axon Instruments) and acquired using a Digidata 1440A
analogue-to-digital board with pClamp (Axon Instruments). In voltage clamp mode, whole-
cell capacitance, input resistance and resting membrane potential were calculated using the

seal test within pClamp. Clampfit 11 was used to visualise traces and aid in manual analysis.

7.2. Whole-Cell Patch-Clamp Solutions

aCSF:

NaCl (0.127M)

KCI (0.003M)
NaH2PO4 (0.00125M)
MgCl. (0.001M)
CaCl; (0.002M)
NaHCO3 (0.026M)
Glucose (0.01M)

Equilibrated w. 95% Oz and 5% COz, pH 7.45, osmolarity approx. 310mOsm.
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Internal Recording Solution:

KMeSO; (0.14M)

NaCl (0.01Mm)

CaClz (0.001M)

HEPES (0.01M)

EGTA (0.001M)

Mg-ATP (0.003M)
Sucrose (0.0025M approx.)
GTP (0.0004M)

pH 7.2-7.3, adjusted w. KOH, osmolarity adjusted to approx. 300mOsm w. sucrose.

89



Chapter 3

Novel Methodology for Producing Postnatal
Spinal Co-Cultures of Astrocytes and
Neurons for Use in the Study of ALS

Work within this chapter was completed with contribution from

Dr. Sarah Burley and Dr. Vanya Metodieva
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1. Introduction

As previously mentioned, a potential source of ALS-linked excitotoxicity is a shift in the
ratio of excitatory : inhibitory synapses in the motor circuitry biasing it towards excessive
excitation. We also know, however, that astrocytes have roles in synapse formation and
maturation, and are actively associated with disease pathogenesis (Hama et al., 2004; Garrett
and Weiner, 2009; Zhao et al., 2020). Taken together, it is conceivable that the roles of
astrocytes may be perturbed in ALS in a way that could drive biases in E:I synaptic ratios.
Investigating the progress of neurodegeneration in the whole spinal cord gives us a complete
system with which we can monitor changes in different cell types. What is more challenging,
however, is the ability to manipulate certain properties of particular cell types in a controlled
environment. In the context of disease research, this includes investigating non-cell
autonomous effects by altering the characteristic of one cell type and monitoring its effects on
another. To probe this, we need to be able to separately manipulate the genotype of both
astrocytes and neurons in order to understand if any synaptic changes which we may see are
due to the neurons alone, or are due to the presence of ALS astrocytes. Due to our access to
multiple ALS mouse lines (SOD1%%%** and COBAC500), spinal primary culture is a promising

tool with which to investigate these putative changes.

Embryonic tissue has long been relied upon as a source of viable spinal neurons in vitro. This
is due to challenges in dissociating spinal neurons postnatally and ensuring their survival in
culture, as these cells seem to be particularly vulnerable to cell death (Ransom et al., 1977,
Mikhailova et al., 2019). Culturing postnatal spinal cells, however, has some key advantages
over embryonically derived tissue. These include 1) preservation of the mother (who can go
on to produce more pups thus reducing animal use), 2) ability to genotype pups before

beginning the protocol, thus allowing for easy culturing of separate genotypes, 3) ease of
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dissection of larger animals, improving quality of utilised tissue and 4) cultured cells are
intrinsically more ‘mature’ from a postnatal animal, and are derived from animals at an age
when many key cellular changes have been observed in ALS mouse models (Van Zundert et
al., 2008; Quinlan et al., 2011). This last point is of particular interest, as it allows for data

produced from such a model to be directly comparable to established neonatal ALS literature.

Culturing postnatal spinal cells has been described previously, with a multitude of caveats
and varying degrees of success in yields and specificity. Adult lumbar sensory neurons
derived from the DRGs of 6 month and 2 year-old mice were successfully cultured for up to
29 days, aided by the concentration-dependent neuroprotective effects of nerve growth factor
(Jiang and Smith, 1993). Other than producing primary cultures of these peripheral cells,
other early efforts to produce spinal cultures involved production of organotypic preparations.
Lumbar slice cultures from P8 rat pups have been successfully produced, being kept for up to
3 months. Such a culture allows for survival of both small dense neurons in the dorsal horn,
and large ChAT +ve MNs in the ventral horn (Rothstein et al., 1993). A similar protocol has
been used to maintain slice cultures from P1/2 mice, with the aid of a cocktail of neurotrophic
factors used to increase MN viability (Rakowicz et al., 2002). The obvious caveat of such a
preparation is that it does not allow for the isolation of specific cell types, and instead, allows
for the maintenance of a semi-physiological representation of the lumbar spinal cord
(depending on the survival of individual cell types). This limits the ability to pursue questions

regarding non-cell autonomous effects of disease.

Isolation of individual spinal neurons has been attempted also. Kehl and colleagues (1997)
successfully dissociated and cultured cervical spinal cord cells from P15/16 rats. Cultures

could be maintained for up to 28 days, and neurons were confirmed with the presence of the
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neuron specific tubulin isoform, -111 tubulin (Sullivan, 1988). These were found in addition
to astrocytes, tagged with GFAP. This showed that isolation of postnatal spinally derived
neurons is possible, however, isolation of individual cell types was not achieved which is
required for investigation of cell non-autonomous effects. This protocol also required the use
of media conditioned by separate cultures of astrocyte-rich foetal cortical monolayers, which

is additionally labour intensive.

Later work has attempted to separately culture postnatal spinal neurons and glia. In particular,
efforts have been made to culture MNs specifically. A protocol by Milligan and Gifondorwa
(2011) used anesthetised P30 mice to collect the lumbar spinal cord. Such a protocol shares a
few details with our final methodology, such as choice of dissociation enzyme (papain) and
removal of nerve roots and meninges to aid purification of the final cell types. This method,
however, relies on use of an Optiprep density gradient with three centrifugation steps,
prolonging total dissociation time and potentially reducing cell viability. Production of ChAT
+ve MNs was achieved, but cell yield was very low, producing just 20000-40000 cells per
adult spinal cord. A later protocol successfully produced higher yields of MNs using
considerably older mice (5 m.o) (Beaudet et al., 2015). This protocol also used an anti-mitotic
agent, in this case arabinosylcytosine (AraC) to eliminate excess proliferating astrocytes in
their neuronal cultures. Use of such an anti-mitotic agent was replicated in our optimised
protocol to aid in the purification of spinal neural cultures. While isolation of pure MN
cultures is a useful tool for studying single-cell properties and MN-specific perturbations,
these cultures lack a more heterogenous spinal neuron population that is desired for

investigation into formation of E:I bias in the spinal circuitry as a whole.
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Finally, a couple of groups have attempted to produce more mixed neuronal populations.
Freeman and colleagues (2015) successfully cultured mixed spinal neurons from P2-3 mice,
relying on isoflurane exposure before decapitation. Again, an optiprep density gradient was
used to isolate the neurons with AraC being added to prevent astrocytic replication. Cells
were only maintained for 7-10 days, however, so longer-term viability was not validated.

Eldeiry and colleagues’ (2017) protocol shares many similarities with an isofluorane kill, us

€

of papain for cell dissociation, multiple trituration steps and reliance on an optiprep gradient

with multiple centrifugation steps. The authors only state neurons are considered ‘mature’ at

7 days, and again do not show their capability to be maintained over longer experimental

durations.

Our aim therefore, was to produce cultures of both postnatal astrocytes and mixed spinal
neurons, avoiding some of the drawbacks of previous protocols. We aimed to create a

methodology which:

1. Does not involve the use of isoflurane during animal sacrifice, which reduces total
protocol length, improves animal welfare and avoids known electrophysiological
changes induced by anaesthetic administration (De Sousa et al., 2000).

2. Is as rapid as possible, allowing for same-day genotyping of an experimental litter.

3. Does not rely on a density gradient with multiple centrifugation stages, which adds
significant time to the protocol and may reduce neuron viability.

4. Produces neuron cultures which can be maintained for multiple weeks, allowing
production of functionally and structurally mature cells which can be used in time-

course studies.
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2. Results

2.1. Primary Astrocyte Cell Purity Verification

Our first goal was to validate the production of both astrocytes and neurons, before
confirming we can combine them to produce our desired co-culture model. First, we aimed to
characterise our astrocyte cultures in multiple ways; A) by checking for expression of
validated astrocyte-specific proteins, and B) by investigating markers indicative of the
functional maturity of the astrocytes produced. This characterisation was done over 2-6
weeks DIV, with 2W being the earliest astrocytes became confluent enough in flasks to be
passaged and replated onto coverslips, and 6W being a time point beyond which astrocytes

became too dense and regularly peeled off coverslips.

Qualitatively, when observed down a standard compound microscope, cells could be broadly
divided into two known morphologies described previously. The majority of cells displayed a
flat, round morphology indicative of protoplasmic astrocytes, while there was also those with
a more elongated morphology which were likely fibrous astrocytes (Sofroniew and Vinters,
2010). To verify they were indeed astroglia, two common immunocytochemical markers for
astrocytic identity were used. GFAP is an intermediate filament expressed almost exclusively
in astrocytes (Hol and Pekny, 2015; Liddelow and Barres, 2017), while glutamine synthetase
(GS) is an enzyme critical in the recycling of glutamate and is thought to be the most general
astrocyte marker, being expressed by all astroglial subtypes (Anlauf and Derouiche, 2013).
To check these cells are likely functionally mature and reflective of their in vivo counterparts,
we also tracked expression of two key proteins which are known to be upregulated after birth
and are key to astrocytes being able to fulfil their physiological roles in the spinal cord. These

include excitatory amino acid transporter 2 (EAAT2), which transports excess glutamate
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from the synaptic cleft into the cell to be recycled, and Connexin 43 (Cx43), a component of
the astrocytic gap junction enabling the formation of the astrocyte network (Yang et al.,
2013) (see Fig. 11A). As ALS has been suggested to be a disorder in which accelerated
maturation could drive disease pathogenesis (Quinlan et al., 2011), we also investigated
whether there may be differences in developmental expression of these functional proteins in

cells harbouring the CO9BAC500 insertion.

GFAP showed the expected fibrillar expression, producing networks of complex elongated
structures. Fluorescence intensity was slightly variable, likely a result of differential levels of
astrogliosis between cells, in addition to potential differences in astrocytic subtypes (Hol and
Pekny, 2015). GS showed a much more diffuse expression throughout the cell, punctuating
cell boundaries in a fashion similar to that described previously (Anlauf and Derouiche,
2013) (see Fig. 11B). The proportion of cells expressing GFAP at 2-6W was analysed in
C9BACS500 versus control using a mixed effects analysis (see Materials and Methods) (see
Fig. 11C). No significant main effect of genotype was found (F(1,6)=0.1589, P=0.70),
indicating the presence of the C9orf72 repeat expansion did not affect the proportion of
GFAP +ve cells present. There was, however, a significant main effect of time (F(2.168,
11.93)=9.668, P=0.0028). Cells at 2W showed a higher proportion of GFAP +ve cells
compared to 3W (P=0.0057), 4W (P=0.0455) and 6W (P=0.0242), with another slight peak at
5W (5W vs 3W (P=0.0216), 5W vs 4W (P=0.0293) and 5W vs 6W (P=0.0258). The highest
proportion at 2W may be due to it being closer to the day of dissection which likely induced a
large amount of reactive astrocyte activation during tissue dissociation, thus producing more

cells with a detectable GFAP expression level.
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Figure 11: A) Schematic demonstrating characterisation of primary astrocytes from 2-
6W. This includes quantification of astrocyte specificity, and multiple markers of
functional maturity required for normal physiological function. B) Images showing
expression of 2 specific astrocyte markers, GFAP and GS, along with DAPI in the
merged image. C) Graph demonstrating % cells +ve for GFAP from 2-6W in cells
derived from C9BAC500 mice vs control littermates (N=3-4). D) Graph demonstrating
% cells +ve for GS from 2-6W in cells derived from C9BAC500 mice vs control
littermates (N=3-4). NOTE Astrocyte protocol initially based on different brain
methodology kindly shared by Dr. Vanya Metodieva.
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GS expression meanwhile was consistently seen in the vast majority of cells, showing very
little variability and providing further evidence that it is likely the most robust marker of all
astrocyte subtypes. In a mixed effects analysis, there were no significant effects of genotype
(F(1,6)=0.1585, P=0.70) or time (F(1.706,9.385)=1.429, P=0.28) (see Fig. 11D). Taken
together with evidence from both markers, we conclude that our glial cultures are highly
enriched in astrocytes (82-95% GFAP +ve, >99% GS +ve) and contain an appropriate

proportion with which to study their non-cell autonomous effects on neurons.

2.2. Primary Astrocyte Functional Maturity Marker Analysis

Next, we assessed the development of essential functional markers of maturity: Cx43 and
EAAT2. Cx43 is a component of astrocytic gap junctions, and shows expression consistent
with this, forming large punctate structures seen across the surface of the cell (see Fig. 12A).
Expression was quantified using integrated intensity as a measure, which gives the sum of the
pixel intensity for all pixels in an identified object. This therefore gives us a measure of total
protein expression in an identified object, as it takes into account object size as well as
fluorescence intensity (a measure of protein ‘concentration’ at a set point).
Immunohistochemical quantification has been shown to provide a reliable measure of protein
expression and has been successfully correlated with other techniques, including western blot
and ELISA (Guirado et al., 2018). Expression of Cx43 is evident from our earliest 2W
timepoint, and there is no significant difference across our developmental timescale (F(1.630,
8.967)=3.007, P=0.11), however, there does appear to be a trend towards lower expression at
2W. There was also no effect in expression as a result of the presence of the C9orf72

expansion (F(1,6)=0.1969, P=0.67) (see Fig. 12B).
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Figure 12: A) Images showing expression of GS in primary astrocyte culture, along with
functional marker of maturity Cx43. DAPI shown in merged image. B) Graph
demonstrating integrated intensity of Cx43 in primary astrocytes from 2-6W derived
from mice harbouring the C9BACS500 insertion vs control littermates (N=3-4). C)
Images showing expression of GS in primary astrocyte culture, along with functional
marker of maturity EAAT2. DAPI shown in merged image. D) Graph demonstrating
integrated intensity of EAAT2 in primary astrocytes from 2-6W derived from mice
harbouring the COBACS500 insertion vs control littermates (N=3-4).
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EAAT2 meanwhile shows a more diffuse expression throughout the cell (see Fig. 12C). Both
EAAT2 and GS appear to display some nuclear staining in addition to their expected
expression patterns. Both primary antibodies were validated in spinal tissue (see Chapter 5,
Fig. 24C). GS also shows clear morphological features that would not be present in random
binding, and primary astrocyte nuclear localisation has been noted using both markers
previously (Anlauf and Derouiche, 2013; Varini et al., 2012). Therefore, while this may
represent some non-specific nuclear binding, future work could use western blotting to
definitively confirm fluorescence reflects true protein expression. Quantification revealed
reasonably invariable expression across our time points (F(1.767,9.717)=2.605, P=0.13),
again showing consistent expression of a key functional marker from 2W DIV. Once again,
cells cultured from our CO9BAC500 mice showed no difference in expression when compared
to those cultured from control littermates (F(1,6)=0.004004, P=0.95) (see Fig. 12D). From
these analyses, we can deduce that our primary postnatal astrocytic cultures express markers
indicative of physiological maturity from 2W, allowing for subsequent plating of neurons in a
flexible timeframe. This aids in the practicality of the protocol, as variable breeding
timescales can result in litters being born slightly outside of expected dates. In addition, we
see no evidence of altered maturation of astrocytes in our C9BAC500 cultures, providing no

evidence of developmental shifts in this mouse model of ALS.

2.3. Analysis of Contaminating Glia in Astrocyte Cultures

Although we have validated that the vast majority of cells in our glial cultures were indeed
astrocytes, we wanted to further characterise these by looking for the presence of other
common CNS glia. In particular, we aimed to look for the presence of oligodendrocytes and
microglia. In order to do this, we selected appropriate markers known to be selectively

expressed by these cell types. In the case of oligodendrocytes, we selected oligodendrocyte-
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Figure 13: A) Positive control images for OSP and TMEM119 in 3—4-month-old mouse
spinal tissue. OSP imaging is focussed on the white matter, whilst TMEMZ119 is seen
clearly throughout the grey matter. B) Example image of OSP +ve cell in 6W glial
culture, along with quantification of +ve cell frequency (N=3 plate downs). C) Example
image of TMEM119 +ve cell in 6W glial culture, with quantification of +ve cell

frequency (N=3 plate downs).
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specific protein (OSP), a protein known to be selectively expressed in mature
oligodendrocytes which shows strong co-localisation with other classical oligodendrocyte
markers such as myelin basic protein (Bronstein et al., 1996; Michalski et al., 2018). For
microglia, we selected TMEM119, a validated, robustly expressed microglial marker which
has the advantage of not being expressed by other immune cells such as macrophages

(Bennett et al., 2016).

Due to our finding that astrocytic cultures are greatly enriched in our desired cell type, it was
suspected that oligodendrocytes and microglia would be infrequent. In order to be certain that
this infrequency was genuine, and was not simply a result of unreliable antibodies, we first
used spinal tissue as a positive control to validate the binding of our antibodies. For
oligodendrocytes, we focussed on the white matter as this is where we would expect them in
high frequency. We observed numerous OSP +ve cells with branched, elongated
morphologies throughout the white matter (see Fig. 13A). Microglia meanwhile were
targeted in the grey matter where they are frequent. Here we observed robust TMEM119

staining with branching, blob-like morphologies (see Fig. 13A).

Satisfied that our antibodies were functional, we analysed oligodendrocyte and microglia
frequencies in enriched astrocyte cultures at 6W, assuming any contaminating cell types
would be at their highest frequency at our latest time point due to microglia’s proliferative
ability (Tan et al., 2022). OSP +ve cells were incredibly infrequent (0.6% + 0.6% SE), with
only 1 of 3 plate downs showing any clear immunocytochemically tagged putative
oligodendrocytes (see Fig. 13B). It should be noted, however, that only cells with clear
oligodendrocytic morphology were counted in this quantification, with some cells showing

small fluorescent puncta that could have been lipofuscin. The cells that were identified
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showed a branched web-like morphology as described by other protocols attempting to create
pure cultures of mature oligodendrocytes (Amaral et al., 2015). It is possible, however, that
surviving postnatal OPCs are present, which would not be tagged by our antibody due to OSP
only being expressed by mature myelinating oligodendrocytes (Bergles and Richardson,
2016; Michalski et al., 2018). Therefore, it could be the case that the small punctate structures
highlight developing oligodendrocytes, upregulating OSP after changing from OPCs.
TMEM119 +ve putative microglia were slightly more common than oligodendrocytes,
representing 2.9% + 1.2% of cells counted. These cells showed expected blob-like, branched
morphologies as can be seen in Fig. 13C. Together, we can conclude that oligodendrocyte

and microglial populations are negligible in our postnatal primary glial cultures.

2.4. Primary Neuron Culture Characterisation

Next, we moved onto our postnatal spinal neuron cultures. This protocol is designed to be
used in co-culture to look at astrocytic effects on synaptogenesis throughout the spinal
circuitry, so we aimed to produce a mixed lumbar neuronal population, and not just one
containing MNSs. There are several things we wanted to verify in these cultures; A) we
wanted to validate that we have a relatively pure neuronal population, B) that some of these
cells are MNs, C) that they express synaptic markers and D) that they are physiologically

functional.

When viewed down a compound microscope, cells show long processes and tend to
aggregate into clumps, indicative of neurons in culture. B-III tubulin, an isotype of the -
tubulin protein that forms dimers with a-tubulin to produce microtubules, is a specific marker
used extensively to visualise mature neurons (Sullivan, 1988). This was utilised on our

primary neural cultures, revealing large amounts of B-111 tubulin +ve processes. SMI 32 is a
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Figure 14: A) Images showing postnatal spinal neuronal cultures at DIV 2-3W. B-IlI
tubulin +ve mixed neuron populations are clear, whilst SMI 32 +ve putative MNs are
also present. B) Images showing the same cultures, with dense B-111 tubulin +ve neurons
present, as well as the presence of sparse GFAP +ve astrocytes. C) Images showing
neuronal cultures tagged with the presynaptic marker synapsin and postsynaptic density
marker PSD95 (AB). Significant numbers of co-localised puncta show areas of dense
synapses, notated with white arrows. NOTE: Dissociations displayed here were
completed jointly by Calum Bonthron and Dr. Sarah Burley. Immunocytochemistry and

imaging were conducted by Calum Bonthron.
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marker of non-phosphorylated neurofilament H, and is known to be enriched in spinal MNs
(Carriedo et al., 1996; Tsang et al., 2000). A subset of cells showed SM1 32 +ve processes,

which strongly co-localised with B-I11 +ve cells and represented putative MNs (see Fig. 14A).

In addition to this, we wanted to check that the number of contaminating astrocytes in our
neuronal cultures was relatively low. Down a compound microscope, comparatively
infrequent large astrocytes (showing large flat morphologies indicative of protoplasmic
astrocytes as described earlier) could usually be observed in the background. When GFAP
was used to identify astrocytes in our neuronal culture, usually in a x63 magnification field of
view there would be 1-3 astrocytes (mean = 2.2 astrocytes in 10 fields of view) (seen here at
2W, see Fig. 14B). These showed extended GFAP +ve processes which did not co-localise
with B-111 tubulin +ve processes. This is typical of astrocytes at very low densities, as they are
able to extend their cell boundaries, producing wide, web-like GFAP expression (see Fig.
11B for comparison of dense astrocytic culture). It was noted during development of this
protocol that astrocytes were unable to be removed completely due to excessive U/FDU
treatment also causing neuronal toxicity (Hui et al., 2016), and due to their ability to
proliferate. However, as the goal was to create a co-culture of neurons plated on top of a
dense layer of astrocytes in order to control the genotype of both separately, we find it
unlikely that the few remaining astrocytes would have a significant effect on neuronal
properties being investigated, as the monolayer astrocytes vastly outnumber these and should

produce clear non-cell autonomous effects if they are present.

As we aim to use this protocol to investigate non-cell autonomous effects of astrocytes on

synapse formation, we looked for expression of pre- and postsynaptic markers. Synapsin-I,
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hereon referred to as simply ‘synapsin’, is a presynaptic bouton protein found in the vast
majority of neurons where it has roles in synapse formation and modulation of
neurotransmitter release (Mirza and Zahid, 2018). PSD95 is a major scaffolding protein
found at the postsynaptic density (PSD), where is acts to aid organisation of essential
neurotransmitter receptors, amongst other PSD proteins (Keith and El-Husseini, 2008).
Immunocytochemical targeting of these proteins revealed abundant expression of synapsin
and PSD95. What was key, however, is that they often showed a degree of co-localisation. As
we are visualising proteins at the pre- and postsynaptic densities, these regions of overlap can

be interpreted as synapses. (see Fig. 14C).

We can conclude therefore that we have produced enriched neural cultures which contain a
subset of SMI 32 +ve MNSs, and that these neurons show structural evidence of excitatory
synapse formation. However, we also wanted to validate that our cells are physiologically
indicative of neurons, in addition to showing expression of protein markers we would expect.
To do this, we grew spinal neuron cultures for multiple weeks and conducted whole-cell
patch-clamp recordings on them to validate a number of physiologically relevant parameters
(data described here derives from 3 plate downs). Although cells could be patched at 2W, we
found they did not reliably fire action potentials (APS) in response to current steps, and often
lacked significant Na*- and K*-mediated currents. At 3W, however, they more reliably
produced evidence of electrophysiological activity. All subsequent data described is therefore

from this time point.

First, passive properties of our neuronal cultures were investigated (see Fig. 15A). Properties
indicative of cell size include capacitance (directly proportional to cell size) and resistance

(inversely proportional to cell size). Mean capacitance was 32.07 +3.08pF, whilst mean
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A Passive Property Value Error
Capacitance 32.07 pF +/-3.08 pF
Membrane Resistance 378.45 MQ +/- 69.76 MQ
Resting Membrane -53.84 mV +/-2.81 mV
Potential (RMP)
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Figure 15: A) Passive properties of neuronal monocultures at DIV 3W (N=16). B)
Whole-cell patch-clamp recording showing example trace of APs elicited by 1s current
pulse. C) Example of voltage-gated recording showing Na*-mediated currents. D)
Example of voltage-gated recording showing K*-mediated currents. E) Example of
spontaneous synaptic activity recorded in voltage-clamp mode. F) Pie chart
demonstrating the proportion of cells which could fire either multiple spikes, single
spikes, or no spikes in response to increasing current pulses (N=15). G) Pie chart
demonstrating the proportion of cells receiving spontaneous synaptic input versus no
clear synaptic input in a 120s gap-free recording in voltage-clamp mode (N=10). NOTE:
Dissociations were completed jointly by Calum Bonthron and Dr. Sarah Burley. Whole-
cell patch-clamp recordings conducted by Sarah Burley. Analysis performed by Calum

Bonthron.
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membrane resistance was 378.45 + 69.76MQ. Resting membrane potential (RMP) showed a
physiologically appropriate value of -53.84 + 2.81mV (N=16 cells). Next, we wanted to
assess our neurons’ ability to fire APs. A current step protocol in which cells were held at -
60mV and 1s current pulses (10-50pA depending on behaviour of cell) were applied allowed
us to investigate their firing behaviour. An example of spiking behaviour can be seen in Fig.

15B. The maximum firing activity seen in our cultures was 47 Hz.

The majority of cells could fire one or more APs, with only 2/15 cells (13.3%) being unable
to do so. 7/15 cells (46.7%) fired a single spike, whilst 6/15 (40%) were able to fire multiple
(see Fig. 15F). Related to spiking activity, key currents involved in the generation of APs
include Na'- and K*-mediated currents. In voltage-clamp mode, these currents can be
assessed using a protocol whereby cells are held at a range of voltages and the resultant
currents observed. In the case of Na"™-mediated currents, cells were held for 10ms, moving
from -10mV to 80mV with increments of 2.5mV. Fig 15C demonstrates an example of fast-
inactivating Na*-mediated inward currents. The vast majority of cells displayed Na*-mediated
currents in excess of 1nA (14/16 cells, 87.5%). The cells which had very low inward currents
also failed to fire APs in response to current injection. The protocol to reveal persistent,
outward, likely K*-mediated currents utilised 500ms voltage steps from -10mV to 100mV,
with increments of 10mV. An example of K™-mediated currents is demonstrated in Fig 15D.
Of the cells measured, 14/15 cells (93.3%) showed large K*-mediated currents in excess of
InA. Together, the high proportion of cells showing these essential currents in combination
with equally high numbers being able to fire at least 1 AP in response to stimuli gives us

confidence that our neurons are capable of being physiologically active in vitro.
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Of significant interest was also evidence of synaptic activity in these cultures. As mentioned
in Fig. 14, we see expression of synaptic proteins in our neural cultures. However, we also
wanted to provide physiological evidence that these cultures have active synapses in vitro. To
do this, we recorded for 120s in voltage-clamp mode holding the cells at -60mV for evidence
of spontaneous synaptic activity, indicated by the presence of postsynaptic currents (PSCs).
The majority of inputs are likely excitatory, indicated by downward deflections as can be
seen in Fig. 15E. As the number of PSPs can be affected by multiple factors including;
synapse density, neuron survival (and therefore density) and overall activity of the network,
we chose to define the presence of synaptic input in a binary fashion (i.e. evidence of any
PSPs during the duration of 120s recording). Of the 10 cells recorded, we observed some

evidence of spontaneous synaptic activity in 9 (90%) (see Fig. 15G).

When considered together, we have shown that our cultures express proteins indicative of a
neural identity, but have also characterised their functional properties. Considering that the
majority of cells recorded showed the ability to fire action potentials in response to current
input, had significant Na*- and K*-mediated currents, and received some form of spontaneous
synaptic input, we consider our neurons functionally mature and are confident in their
identity. As we begin to see reliable evidence of synaptic transmission at 3W, these data also
indicate that this is an appropriate time point in our subsequent study to investigate E:|I ratio

changes in the context of disease.

2.5. Primary Neuron / Astrocyte Co-Culture Validation

After we were confident we had characterised our individual cell types, we next wanted to
show we could co-culture them together. Neurons were plated on top of an astrocytic

monolayer typically at DIV 2-3W (as shown earlier, astrocytes display suitable expression of
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functional proteins in a wide timescale). These were then immunocytochemically tagged for
neuron-specific marker B-111 tubulin and astrocyte-specific marker GFAP. Z-stacks were then
taken, descending through the Z-dimension to capture neurons atop the astrocyte layer.
Although in some cases astrocytes had been in culture for up to 6 weeks, so extensive
proliferation meant they no longer existed in perfect monolayers and began to grow on top of
each other, Z-stacks demonstrated bright B-111 tubulin +ve neurons with faint GFAP +ve
processes present in a lower focal plane. As we descended, neural processes became faint as
the dense GFAP +ve astrocytic layer came into focus (see Fig. 16A). We were therefore
confident the vast majority of astrocytes seen in our co-cultures belonged to the original

plated monolayer.

As discussed earlier, the aim of developing this culture system was to use it to look at
astrocytic non-cell autonomous effects on synaptogenesis, in particular looking for changes in
the ratio of excitatory : inhibitory synapses. Neuronal validation already showed that in
monoculture, they express the generic presynaptic marker synapsin, as well as glutamatergic
postsynaptic density protein PSD95. Although traditionally referred to as ‘symmetric
synapses’ due to a lack of an obvious EM-dense PSD, more recent work has indicated that
inhibitory synapses indeed contain a thin postsynaptic sheet structure also, with a key
molecular scaffolding protein called gephyrin. Here it acts to anchor and cluster GABA and
glycine receptors, as well as interacting with a multitude of signalling molecules (Bai et al.,
2021; Tyagarajan and Fritschy, 2014). As such, it is an ideal candidate for a postsynaptic
marker we can use to quantify inhibitory synapse density. Figure 16B demonstrates a co-
culture, whereby we see expected dense punctate expression of our presynaptic marker
synapsin, as well as our glutamatergic postsynaptic marker PSD95. Gephyrin shows a similar

expression, abundantly present down neuronal processes and onto what appears to be the
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soma. Synapsin shows considerable co-localisation with both our excitatory and inhibitory
postsynaptic markers, demonstrating that our neurons in co-culture appear to form both
synapse types in abundance, making our model appropriate to use in the investigation of non-

cell autonomous E:I changes in ALS.

A
B-III Tubulin

B-III Tubulin

Merge

Figure 16: A) Images at multiple points of a Z-stack in a neuron / astrocyte co-culture.
Demonstrates presence of DIV 3W B-111 +ve neuron with GFAP +ve astrocytic staining
faint in the background. As we progress down the Z-stack, we see fading of B-I1l +ve
processes and an increase in intensity of GFAP, indicating we are moving towards our
astrocytic layer. B) Images showing abundant expression of presynaptic marker
(synapsin) as well as postsynaptic excitatory (PSD95-eGFP) and inhibitory (gephyrin)
markers. Neurons DIV 3W.
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3. Discussion

Creation of protocols to quickly and reliably generate enriched spinal astrocyte and neuron
monocultures from postnatal mice was desirable to enable the study of non-cell autonomous
effects on E:I synapse formation. Titration of these protocols to ensure optimum cell survival
and purity of these desired cell types resulted in astrocytic and neuronal monocultures that
can be combined to control the genotype of each cell layer. First, postnatal spinal glial
cultures could be produced that were enriched in cells of appropriate astrocytic morphology,
and the vast majority of which expressed specific astrocyte markers GFAP and GS. These
cells also expressed proteins required for mature astrocytic function (Cx43 and EAAT2) from
the earliest time point measured post-passaging. Although accelerated development has been
discussed as a potential mechanism underlying neuronal hyperexcitability in ALS (Quinlan et
al., 2011), the presence of an ALS-liked mutation (C9BAC500 hexanucleotide insertion) had
no effect on the developmental expression pattern of astrocytic maturation markers. Our
astrocyte-enriched cultures showed very low numbers of contaminating microglia and
oligodendrocytes, so we can be further confident our cultures are relatively pure in the cell
type we desire. Our neuron-enriched cultures meanwhile expressed B-111 tubulin as expected,
and showed a subset of cells which expressed the MN marker SMI 32. U/FDU treatment left
minimal numbers of contaminating astrocytes in these cultures, and the neurons were
validated physiologically using whole-cell patch clamp recordings, where the vast majority
showed the ability to fire APs and received spontaneous synaptic input. Finally, we validated
that these monoculutres could be plated together and expressed key markers of excitatory and
inhibitory synapses, showing this model is appropriate for use in the study of non-cell

autonomous effects on E:I synaptic ratios in ALS.
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Postnatal spinal astrocyte cultures are generally considered easier to achieve than their
neuronal counterparts as they are both proliferative in culture, and appear to be much less
vulnerable to insults. Other groups have successfully produced postnatal spinal astrocyte
cultures of approximately the same purity (85-90% GFAP +ve), although these usually rely
on the use of a gradient during dissociation (Agalave et al., 2020; Kerstetter and Miller,
2012). Our protocol does not rely on this and dissociation of astrocytes into tissue culture
flasks is very rapid (within 1 hour post-dissection). Interestingly, authors of other spinal
astrocyte protocols also noted a decrease in GFAP expression with extended periods in
culture (Kerstetter and Miller, 2012). This may be due to increased astrogliosis as a result of
being closer in time to the initial dissection (our highest expression was seen at 2W DIV),
with GFAP expression being increased in reactive astrocytes (Sofroniew, 2015). Astrocytes
would be expected to be more reactive as a result of the insults undergone during the
dissection and dissociation, which may decrease with time in culture. GS expression was
found in over 99% of cells at all time points, and appeared to be expressed in more of our
population than GFAP. This is consistent with previous observations that GS likely
represents the most general marker of the astroglial family, and in the brain is expressed by
astrocytes which appear to lack GFAP staining (Anlauf and Derouiche, 2013). This likely
explains the slight variation in proportions of immuno-positive cells for the two markers.
Together, however, it appears that we have highly enriched astrocytic cultures at 2-6W in

vitro.

After validating the cell specificity of our astrocyte cultures, we also wanted to quantify their
expression of key molecular markers of astrocytic maturity to find if; A) there was
developmental changes in expression in vitro that would mean neuronal plating on top would

be optimal at a certain time point, B) our astrocytic cultures provide evidence they can
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perform key functions they would in vivo and C) the presence of an ALS-linked mutation
altered the developmental expression pattern of these proteins. The first marker looked at was
Cx43, a connexin subunit of gap junction hemichannels which connect to form the astrocytic
network. Here, spinal astrocytes form a complex network allowing for exchange of ions and
metabolites, which is essential for, amongst other things, calcium wave propagation and K* /
glutamate buffering (Xing et al., 2019). As a result, they are able to communicate and aid in
modulation of synaptic transmission of the greater neuronal network (Pannasch et al., 2012).
Unpaired hemichannels are also able to release gliotransmitters, acting as a further
mechanism to alter the activity of surrounding neurons (Retamal et al., 2014).
Immunocytochemical characterisation of our astrocytic cultures at 2-6W in vitro
demonstrated that at all time points, there was clear Cx43 expression. Expression quantified
using the integrated intensity revealed no significant difference between any time point,
although indicated a trend. While this could be an indication that the cells are slightly more
immature this early in plating, it should be noted that gap junctions form at points of cell-cell
contact (Liu et al., 2020). Astrocyte cultures are initially grown in tissue-culture flasks before
being replated onto coverslips when confluent (approx. DIV 10 days). It could be the case
therefore that there is less cell-cell contact at the 2W time point as astrocytes are still
proliferating and extending their cell boundaries after being transferred to coverslips, and

hence potentially have a slightly lower density of Cx43 +ve hemichannels.

EAAT?2, our other marker of astrocytic maturity due to its role as a glutamate transporter at
the synaptic cleft (Guo et al., 2002), showed a remarkably consistent developmental pattern
of expression. Together with the developmental pattern of Cx43, it appears that there is little
variation in expression of these markers at the time points measured. Therefore, neurons are

able to be plated onto mature astrocytes at a range of time points, which practically is
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beneficial if there is a delay in the birth of subsequent litters from which neurons will be

dissociated.

As discussed previously, intrinsic neuronal hyperexcitability in neonatal neurons has been
suggested to reflect a pathological ‘accelerated development’ in ALS (Quinlan et al., 2011).
The function of mature astrocytes is essential in the development and activity of surrounding
neural circuitry (Allen and Eroglu, 2017). As such, it was hypothesised that such an
acceleration of neuronal development could be mirrored in astrocytic molecular markers of
maturity. This was not the case however, with the presence of the COBAC500 mutation
having no impact on expression of Cx43 or EAAT?2 at the time points investigated.
Astrocytes derived from SOD1%%%** embryonic spinal glial restricted precursor (GRP) cells
have previously been shown to have elevated expression of Cx43 after just 1W in culture, an
effect which was replicated in iPSC-derived human astrocytes harbouring C9orf72 mutations
when cultured for a similar time-scale post-differentiation (Almad et al., 2016; Almad et al.
2022). It should be noted, however, that such an elevation was not noted in SOD1%%%*4 spinal
cord tissue until end-stage (P120-P140) (Almad et al., 2016). Evidence showing EAAT2
protein expression changes appears to be more restricted to late presymptomatic /
symptomatic stages rather than early-stage in vitro work. As discussed in Chapter 1,
SOD15%% animal models show evidence of EAAT?2 loss either presymptomatically or at the
point of symptom onset (Bendotti et al., 2001; Howland et al., 2002). This loss has also been

observed in ALS patient post-mortem tissue (Rothstein et al., 1995).

Although Almad and colleagues (2016) observed changes in Cx43 expression at just 1W
post-differentiation from GRPs, there is a variety of possible reasons why we did not observe

such an increase in expression. It should be noted that in addition to the tissue culture models
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utilised being very different, the COBAC500 mouse shows a considerably different
phenotypic timescale to the SOD1°%*A mouse model, with acute-onset animals (see Chapter 1,
Section 1.5.2. for details) not developing motor phenotypes until 20-40 weeks, while our
SOD15%A colony developed motor deficits by approximately 12/13 weeks (Liu et al., 2016).
In addition, although the SOD1%%** model has been questioned for its ability to accurately
recapitulate the majority of human ALS cases (Acevedo-Arozena et al., 2011), the
C9BAC500 model presents with its own flaws. In our hands, no mice developed acute motor
phenotypes, despite maintaining adult mice of both sexes well into the described phenotypic
timeframe. Our experimental animals were PCR-genotyped with relevant positive controls, in
addition to showing the presence of RNA-foci, a key molecular hallmark of C9orf72-related
ALS (Broadhead et al., 2022), so their expression of the C9orf72 hexanucleotide repeat was
verified. Other groups have also described the very low phenotypic penetrance of this model
(Mordes et al., 2020; Nguyen et al., 2020). Current evidence suggests housing environment
may have a significant impact on the emergence of symptoms, in addition to the suggestion
that drawbacks of the FVB/N mouse background used to develop the model (including
susceptibility to seizures) could have caused false interpretation of ALS phenotypes in the

original study (Liu et al., 2016; Mordes et al., 2020).

In the process of validating the purity of our astrocyte cultures, we looked at the proportion of
cells expressing mature oligodendrocyte and microglia markers. OSP +ve cells were very
infrequent in our astrocytic cultures. As mature oligodendrocytes do not significantly
proliferate, it is common to culture populations of OPCs that can then be differentiated,
something that has been shown to be particularly challenging in mouse primary culture (Chen
et al., 2007; Yang et al., 2016). Oligodendrocyte survival in vitro has also been shown to be

strongly dependent on the presence of neurons (Barres et al., 1993). As, by definition, our
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astrocyte cultures lack neurons, it is likely we have poor oligodendrocyte survival by DIV
6W when OSP +ve cells were quantified. If OPCs are not maintained in our cultures too, then
it is perhaps unsurprising our OSP +ve population is small. We also report low numbers of
TMEM119 +ve microglia in our astrocyte cultures. This low level of microglial
contamination is expected. Mature microglia proliferate slowly to maintain their population
in the adult CNS (Tan et al., 2022). Beaudet and colleagues (2015) successfully developed a
methodology to culture adult spinal microglia from 5 m.o. mice. They noted, however, that
postnatal microglia would often take 1 month before beginning to proliferate, and even then
this was in media developed to promote their growth. It is understandable therefore that at
DIV 6W in astrocytic media, we would produce low numbers of microglia using our

astrocytic protocol.

Next, characterisation of our neurons confirmed the presence of -111 tubulin +ve processes,
in addition to SMI 32 +ve putative MNs. It is clear that these cultures are not MN-enriched,
and contained a mixed population of spinal MNs and interneurons. Although the obvious
avenue of investigation in ALS is to pursue solely MN pathology, evidence of widescale pre-
MN spinal hyperexcitability (van Zundert et al., 2008; Jiang et al., 2009) shows that analysis
of the greater motor network is key to understanding ALS disease mechanisms. This is of
particular interest as our model has been initially designed to look at network imbalances in
E:l ratios and the putative role astrocytes may have in shifting this, thus it was deemed
critical that our neuronal populations were mixed. We do not know the precise identity or
proportions of the interneuron populations present in our cultures. Future work using in situ
hybridisation to target specific markers such as parvalbumin could help further define our
neuronal populations. Use of U/FDU, an effective anti-mitotic agent, effectively eliminated

the vast majority of proliferating astrocytes. This agent has been used to effectively isolate
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primary neuronal cultures previously, and has been shown to facilitate greater neuronal
survival versus other more toxic alternatives such as AraC (Hui et al., 2016; Lamas et al.,
2014). Although it has been reported that neuronal survival can be reduced if neurons are
exposed to FDU for an extended time (Hui et al., 2016), we still noted the expression of key
neuronal and synaptic proteins. However, as a result of the concern over signficantly reduced
neuronal health in response to U/FDU treatment, we felt it necessary to also show our

neurons are capable of being physiologically active.

Electrophysiological validation of our postnatal spinal neurons verified both their identity,
and their possession of relatively mature functional properties. Comparison with other
protocols is challenging here, as often validation is done only using immunocytochemical
methods (Beaudet et al., 2015; Eldeiry et al., 2017). IPSC-derived MNs are another
commonly used culture model in the study of ALS, and have been characterised more
thoroughly. Our neurons showed an average capacitance of 32.07 +/- 3.08 pF, a measure
which is proportional to cell size. Our neurons show approximately 3 times the capacitance
value of iPSC-derived MNs at a similar timepoint in vitro (Devlin et al., 2015). Our neurons
also showed a more hyperpolarised RMP, being closer to the RMP of week 1-3 MNs in
spinal slice, however, as expected they still do not reach these values (approx. -58 to -67mV)
and are considerably smaller than neurons ex vivo (approx. 250-500pF) (Delvin et al., 2015;
Sharples and Miles, 2021). The vast majority of cells had sufficient Na*- and K*-mediated
currents and were capable of firing APs. In addition to this, most received some form of
spontaneous synaptic input, giving further evidence along with expression of synaptic

markers that these cultures form neuronal networks in vitro.
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Following plating of these neuronal monolayers on top of our astrocytic layers, our
measurement of spontaneous synaptic activity was supported by the expression of the general
presynaptic marker synapsin, as well glutamatergic postsynaptic marker PSD95 and
GABAergic/glycinergic postsynaptic marker gephyrin. Taken together, our validated
monocultures, when combined, are suitable for the study of non-cell autonomous E:I ratio
changes in ALS. In addition, validation of their electrophysiological activity also makes this
methodology an ideal model for investigating astrocyte-neuron interactions in other

mechanisms of disease underlying ALS. Returning to our original aims, we have shown:

1. We can produce neural cultures without relying on anesthetising our animals, thus
avoiding effects on electrophysiological function.

2. We can rapidly produce neurons, allowing for genotyping and dissociation within a
single day.

3. Produced neurons are viable, without the use of density gradients in our methodology.

4. Cultures can be maintained for at least 3W, producing cells with mature physiological

properties and appropriate protein markers.
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Chapter 4

Probing Putative Astrocyte-Mediated Shifts
In Excitatory : Inhibitory Synaptic Ratios
In ALS

Work within this chapter was completed with contribution from
Dr. Matthew Broadhead and Dr. Sarah Burley
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1. Introduction

As discussed in Chapter 1.3, hyperexcitability of motor networks, either from changes to the
MNs themselves or the pre-MN circuitry, is a regularly reported phenomena in ALS.
Although much work has looked at early stage intrinsic hyperexcitability of MNs, a less
discussed mechanism that may lead to excitotoxicity is insufficient inhibition within the
motor network. As the excitability of a neuron is partially dictated by the balance of
excitatory to inhibitory input, an imbalance of this ratio has the potential to elicit pathogenic
hyperexcitability. Martin and Chang (2012) presented an argument as such, that frequent
observation of insufficient inhibition, either onto the MNs themselves or within pre-MN
networks, leads to ALS-associated neuronal death. Evidence from patients goes some way to
reinforce this. A study looking to behaviourally assess recurrent inhibitory pathways
(modulated by glycinergic Renshaw cells) using a ‘H-reflex technique’ showed marked
reductions in recurrent inhibition in ALS patients (Raynor and Shefner, 1994). Post-mortem,
glycine receptor density is significantly reduced in the ventral horn of spinal samples from
ALS patients (Hayashi et al., 1981). In mouse models of ALS, as discussed earlier, evidence
of loss of glycinergic input to MNs is observed presymptomatically, which was seen
alongside evidence of Renshaw cell loss slightly later (Chang and Martin, 2009). Further
evidence of inhibitory loss specifically onto MNs has also been reported in ALS mouse
models (Allodi et al., 2021; Qian et al., 2017), whilst evidence of widescale inhibitory

synapse loss in the grey matter is also present (Hossaini et al., 2011).

Whilst it has been posited that there is a shift in E:I ratios, likely due to inhibitory loss during
disease pathogenesis (Martin and Chang, 2012), there is an alternative hypothesis for the

basis of this change. Kiernan and colleagues (2019) suggested that instead of a later shift
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towards excitation due to synaptic loss, there may in fact be a developmental alteration in
ALS that biases the system towards excitation from early life. Although neurodegenerative
conditions are not classically thought of as such, ALS could be considered a developmental
disorder if this is the case, as is seen in other neurological conditions such as schizophrenia
and autism spectrum disorders (Nelson and Valakh, 2015). Evidence of hyperexcitability in
the wider spinal network has been noted from neonatal stages through to symptomatic stages
in the SOD1%%A model (van Zundert et al., 2008; Jiang et al., 2009). Such an early
developmental bias in E:l ratios throughout the spinal circuitry could explain these

observations.

There are multiple mechanisms by which this may occur. The first is a delay in the
developmental shift of GABAergic synapses from excitatory to inhibitory signalling. High
intracellular chloride concentrations, and thus more depolarised reversal potentials in
immature neurons, results in GABA depolarising neurons, resulting in excitatory
transmission (Kiernan et al., 2019; Wang and Kriegstein, 2009). This shift occurs in the first
to second postnatal week and is dictated by changes in expression of the K*-CI" co-transporter
2 (KCC2) and Na™-K*-2CI" co-transporter 1 (NKCC1), the balance of which modulates
intracellular CI" concentrations (Furukawa et al., 2017; Jean-Xavier et al., 2007). A delay in
this shift likely causes long-lasting neuronal insults and contributes to a bias in excitability,

thus eventually causing excitotoxic cell death (Kiernan et al., 2019).

Another mechanism by which developmental biases in E:| ratios could emerge is a
pathological change in astrocytic synaptogenesis. Like GABAergic changes, astrocyte-
mediated synaptogenesis occurs postnatally, occurring maximally in weeks 2 and 3 in the

brain, and showing a similar pattern in the spinal cord which appears to peak entering week 3
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before declining (Risher and Eroglu, 2020; Weber and Stelzner, 1980). As discussed earlier,
astrocytes promote synapse formation in a complex manner, utilising both secreted factors
such as TSPs and hevin, as well as contact-dependent factors such y-protocadherins and
ephrin-B1 (Chung et al., 2015; Risher and Eroglu, 2020). Although much of this work has
focussed on excitatory synapse formation, astrocytes are also directly involved in inhibitory
synaptogenesis. Ephrin-B1 in the hippocampus can directly modulate E-I balance by
increasing glutamatergic and decreasing inhibitory synapse numbers (Nguyen et al., 2020b).
Transforming growth factor beta 1 (TGF-B1) is found in the conditioned media of both
human and mouse astrocytes, and as well as being involved in excitatory synaptogenesis, was
also found to promote GABAergic synapse formation in cortical neurons (Diniz et al., 2012;
Diniz et al., 2014). This was replicated in vivo with intraventricular injection of TGF- 1
(Deniz et al., 2014). Glycinergic synaptogenesis is also reliant to some degree on astrocytes,
as cultured spinal neurons showed significantly impaired glycinergic transmission when
cultured without astrocytes (Cuevas et al., 2005). It is clear therefore that astrocytes have
complex signalling mechanisms which allow them to modulate both excitatory and inhibitory

synapse formation.

Astrocytic involvement in disease is believed to be multifaceted, with implications ranging
from perturbed glutamate transport to release of toxic factors (Valori et al., 2014). With their
clear involvement in synaptogenesis in the developing CNS, in addition to the proposal that
ALS may be a developmental disorder in which the system is biased towards excessive
excitation from a very young age, it is possible perturbation of synaptogenesis could
represent another astrocytic ALS mechanism. As spinal network-wide hyperexcitability has
been reported (van Zundert et al., Jiang et al., 2009), pathological alterations in astrocytic

synaptogenesis could cause early changes in the E:I ratio of the pre-MN network and / or
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synaptic input onto MNSs. Such changes biasing excitatory transmission may then lead to later
excitotoxic events as a result of hyperexcitability. This astrocyte-mediated shift in E:| ratios
is a phenomenon which will be pursued in this chapter, in an effort to elucidate whether non-
cell autonomous shifts in synapse formation could contribute to excitotoxic cell death in
ALS. We will therefore use a variety of models, including our novel primary culture
methodology, to investigate whether the presence of ALS mutations causes shifts in E:l

ratios.
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2. Results

2.1. Validation of ALS x PSD95-eGFP Mouse Crosses

In order to accurately visualise the PSD of glutamatergic synapses in our co-cultures of spinal
neurons and astrocytes, we took advantage of a PSD95-eGFP ** mutant mouse. PSD95 is a
key molecular organiser at the PSD. Part of the membrane-associated guanylate kinase
(MAGUK) family, it recruits and binds essential transmembrane proteins required for the
function of the PSD, including NMDARs and AMPARs. It does this via binding of
intermediate proteins such as stargazin, as well as other transmembrane AMPAR regulating
proteins (Hafner et al., 2015). The protein itself consists of three PDZ domains, in addition to
one SH3 and GK domain, which together form one SH3-GK (Src homology 3-guanlyate
kinase) module. A GFP tag is inserted after these domains in the open reading frame of Dlg4
(PSD95-encoding gene) at the 3° end, immediately before its stop codon via a Gly-Gly-Gly-
Ser linker sequence (Fernandez et al., 2009; Hafner et al., 2015; Zhu et al., 2018). A
schematic of the edited DIg4 gene can be seen in Fig. 17A. As this is inserted into the
endogenous murine gene, this model is described as a ‘knock-in’ mutant mouse. These
animals were initially created using a C57bl/6 background strain and are homozygous for the

PSD95-eGFP mutation.

These animals were bred with our two ALS mouse models, producing both SOD1%%A *- and
C9BACS500 *- animals (plus their respective control littermates) which also expressed
PSD95-eGFP *". As all progeny contained a copy of the PSD95-eGFP gene, we could

therefore visualise the PSDs of both disease and control neurons. To verify that the

129



( ppz1  ppz2 } ppzz H sm H

2 Weeks 3 Weeks 4 Weeks

i)

PSD95-eGFP

Figure 17: A) Schematic demonstrating the structure of PSD95 with the GFP tag
insertion in the PSD95-eGFP mouse. B) Validation images in COBAC500* PSD95-
eGFP*" neuron cultures stained with an anti-PSD95 antibody (PSD95 AB). White arrows
indicate clear co-localisation between GFP and PSD95 AB. C) Images showing PSD95
expression in COBAC500*- PSD95-eGFP*- neuron cultures from DIV 2-4W. PSD95

expression is present from 2W and appears to increase as cells mature.
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GFP fluorescence we saw in our neuronal cultures was at the PSD, we also applied a PSD95
antibody. Our PSD95-eGFP signal showed expected punctate expression, with some
infrequent large objects which were likely autofluorescent dead cells or lipofuscin aggregates.
Importantly, our PSD95-eGFP signal showed excellent co-localisation with our PSD95
antibody, which gave us confidence that it was a reliable method of imaging excitatory

synapses (see Fig. 17B).

Finally, we wanted to use the strength of the PSD95-eGFP tag to visualise PSD95 expression
across development in our neurons. As can be seen in Fig. 17C, from DIV 2W, PSD95
expression is present in COBAC500 x PSD95-eGFP neuronal monocultures. Qualitatively it
seemed clear that at 3W this level of expression had increased, which was further evident at
4W. It should be noted, however, that when neurons were grown to 4W in co-culture, the
astrocytic layer could be up to DIV 7W, and it was common to lose these cultures due to
astrocytic peeling. Such an increase of PSD95 at DIV 3W is in line with our
electrophysiological characterisation (see Chapter 3, Fig. 15), as neurons reliably fired APs in
response to current injection and displayed spontaneous synaptic activity. Together, this
provides evidence that neurons at DIV 3W is a ‘sweet spot’ for future E:I analysis, as in
monoculture they have prominent PSD95-eGFP expression in addition to robust

electrophysiological activity, whilst also minimising the risk of astrocytic peeling.

2.2. Investigation of Non-Cell Autonomous Effects on E:I Ratios in ALS Co-

Cultures

As we were confident in using our ALS x PSD95-eGFP crosses, we proceeded to utilise these

in co-cultures with the aim of looking at non-cell autonomous effects on E:| ratios. Our first
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study utilised the classical SOD1¢%*4 model, bred with our PSD95-eGFP mice to produce
SOD1%%A*- pSDY5-eGFP ** mice, along with their SOD1%%%A - PSD95-eGFP * littermates.
As described in Chapter 3, we first produced astrocyte monocultures. Neonates were
genotyped prior to dissection, so cultures +ve and -ve for the SOD1°%** mutation could be
grown separately. Typically, 2-3W later, neurons +ve or -ve for the SOD1°%** mutation were
plated on top and cultured until DIV 3W, before fixation and staining. Neurons in our co-
culture, as mentioned previously, showed appropriate punctate expression of synapsin,
PSD95-eGFP and gephyrin (see Fig. 18A). Importantly, we saw significant co-localisation of
pre- and post-synaptic markers, which allowed us to quantify the ratio of excitatory

(synapsin-PSD95) to inhibitory (synapsin-gephyrin) synapses.

As E:| ratios were calculated within an image, no normalisation of this metric was required.
Both excitatory and inhibitory synapse counts came from the same cells in that field of view,
introducing no other sources of variation that needed to be accounted for, such as inter-image
cell count variability. Synapses were counted in the entire field of view, with pseudo-random
selection (guided by synapsin) accounting for potential variability caused by imaging distal
versus proximal dendrites. For brevity, +N and +A refer to neurons and astrocytes,
respectively, which are +ve for the SOD1%%A mutation. -N and -A refers to these cell types
generated from -ve SOD1%%*A [ittermates. This produced 4 conditions which allowed us to
probe non-cell autonomous effects on E:l ratios (+N/+A, +N/-A, -N/+A, -N/-A) (see Fig
18B). We found, however, that there was no significant difference in the ratio of excitatory to
inhibitory synapses in these cultures (F(3,12)=0.9431, P=0.45). There appears to be a bias
towards inhibitory transmission in our co-cultures, with mean E:| ratios ranging from 0.62-

0.74 between conditions.
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Figure 18: A) Example image of DIV 3W neuron in a SOD1%%A x PSD95-eGFP co-
culture expressing synapsin, PSD95-eGFP and gephyrin. When zoomed, we see clear co-
localisation of presynaptic and postsynaptic markers. B) Bar chart showing E:l ratios in
co-cultures of 4 different combinations. + / - refers to the presence of the SOD1%%A
mutation, N / A refers to the cell type referenced, either neurons or astrocytes,
respectively (N=4 co-culture platedowns). C) Bar chart showing numbers of excitatory
and inhibitory synapses normalised to area (N=4 co-culture plate downs). D) Bar chart
showing numbers of excitatory and inhibitory synapses normalised to nuclei count (N=4
co-culture platedowns).
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In order to determine if we saw no changes at all in numbers of synapses, or whether the E:l
ratio was maintained due to a parallel increase or decrease in both types of transmission,

we compared normalised excitatory and inhibitory synapse counts. First, we looked at
synapse counts normalised to area (density per. 100um?). As expected, due to our previously
mentioned <1 E:| ratio values, there was a significant main effect of synapse type, whereby
there were consistently more inhibitory synapses than excitatory ones (F(1,24)=8.708,
P=0.0070) (see Fig. 18C). However, multiple comparisons testing revealed no significant
differences in excitatory vs inhibitory synapse density between individual genotype
conditions (+N/+A: P=0.58, +N/-A: P=0.46, -N/+A: P=0.38 and -N/-A: P=0.54). Total
synapse counts were consistent between genotype conditions (F(3,24)=0.4134, P=0.74),
indicating that similar E:I ratios were not obscuring a scaled increase or decrease in synapse
counts. Finally, as reflected in the lack of E:1 differences, the degree of inhibitory bias was

not dependent on the genotype (F(3,24)=0.01942, P=0.99).

Although useful, normalisation to area does not take into account variable numbers of
neurons in the field of view between images. In order to account for this, synapse counts were
also normalised to DAPI counts. To ensure that counts were normalised to the neural
monolayer and not the underlying astrocyte layer, DAPI counts were taken from in-focus
nuclei strictly in the focal plane of synaptic protein expression. When normalised to DAPI
count, there was again a significant difference between synapse types, with more inhibitory
than excitatory synapses being present (F(1,24)=12.09, P=0.0020). Again, multiple
comparisons testing did not reveal individual differences between genotype conditions
(+N/+A: P=0.59, +N/-A: P=0.22, -N/+A: P=0.21 and -N/-A: P=0.39). Consistently, there was

also no difference in overall DAPI-normalised synapse counts between genotype conditions
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(F(3,24)=1.510, P=0.24), and no interaction of excitatory vs inhibitory synapse count and

genotype condition (F(3,24)=0.08735, P=0.97).

As no bias in E:l ratio was found in our SOD1%%A cultures, we next investigated this using
our C9BAC500 model. Again, C9BAC500 *- animals were bred with PSD95-eGFP **
animals to produce C9BAC500 * PSD95-eGFP *~ and C9BAC500 7~ PSD95-eGFP *-
offspring. The experimental setup was replicated, again producing 4 genotype conditions. As
can be seen in Fig. 19A, in cells derived from COBAC500 x PSD95-eGFP crosses we see
expression of our presynaptic marker synapsin, as well as postsynaptic markers PSD95-eGFP
and gephyrin. Cropped images reveal clear co-localisation of pre- and postsynaptic markers,
indicating the presence of large numbers of synapses. When E:I ratios were probed in these
co-cultures, we again found no difference between our 4 genotype conditions (F(3,21)=1.667,
P=0.20) (see Fig. 19B). Once more, there was a bias towards inhibitory synapse formation in
these cultures, with a range of 0.61-0.78. When compared to our SOD1%%A x PSD95-eGFP
cultures, there was no difference in E:| ratios depending on ALS mouse model used

(F(1,33)=0.0006632, P=0.94).

Again, to check that consistent E:I ratios between conditions were not masking a scaled
increase or decrease in both synapse types, we looked at synapse counts normalised to area
and cell count. Once again reflecting the <1 E:I ratio values observed, we found significantly
more inhibitory synapses than excitatory (F(1,42)=13.05, P=0.0008) (see Fig. 19C). Multiple
comparisons testing again failed to find differences between individual genotype conditions
(+N/+A: P=0.08, +N/-A: P=0.25, -N/+A: P=0.76 and -N/-A: P=0.22). We also once again

found no difference in total synapse counts between genotype conditions (F(3,42)=2.245,
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Figure 19: A) Example image of DIV 3W neuron in a C9BAC500 x PSD95-eGFP co-
culture expressing synapsin, PSD95-eGFP and gephyrin. When zoomed, we see clear co-
localisation of presynaptic and postsynaptic markers, indicating significant synapse
formation. B) Bar chart showing E:I ratios in co-cultures of 4 different combinations. +
/ - refers to the presence of the COBAC500 mutation, N / A refers to the cell type, either
neurons or astrocytes, respectively (N=4-7 co-culture platedowns). C) Bar chart showing
numbers of excitatory and inhibitory synapses normalised to area (N=4-7 co-culture plate
downs). D) Bar chart showing numbers of excitatory and inhibitory synapses normalised

to nuclei count (N=4-7 co-culture platedowns).
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P=0.10), showing no combination of genotypes significantly altered the total number of
synapses formed. Finally, there was no significant interaction, indicating the degree of bias
towards inhibitory transmission was not affected by genotype condition (F(3,42)=0.3959,
P=0.76). Synapse numbers normalised to cell count showed the same effects, with an overall
inhibitory transmission bias (F(1,42)=9.532, P=0.0036), consistent numbers of total synapses
across genotype conditions (F(3,42)=2.570, P=0.07) and no effect of genotype on the degree

of bias towards inhibitory synapse formation (F(3,42)=0.3139, P=0.82) (see Fig. 19C).

It appears to be the case therefore that in co-cultures generated from both SOD1%4 and
C9BACS500 animals, there is no evidence that the presence of an ALS mutation causes a shift
in the E:1 ratio. Cells generated from both disease models have a bias towards inhibitory
transmission, and neither the genotype of astrocytes nor neurons altered total numbers of
synapses formed in culture. This remarkable consistency between mouse models gives us

confidence that there is no structural evidence of non-cell autonomous E:| shifts in vitro.

2.3. Astrocytic Ephrin-B1 Expression Confirms Lack of Synaptogenic Changes

in ALS Co-Culture Model

In order to further verify that we do not observe any non-cell autonomous effects on
synaptogenesis as a result of an ALS mutation, we wanted to investigate the expression of a
factor known to directly alter E:1 ratios in vivo. As described in Chapter 1, ephrin-B1
expression appears to directly modulate the E:1 balance during hippocampal synaptogenesis
(Koeppen et al., 2018; Nguyen et al., 2020a; Nguyen et al., 2020b). It is involved in bi-

directional communication via interaction with ephrin receptors on neurons in a contact-
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dependent manner (Risher and Eroglu, 2020). Expression of astrocytic ephrin-B1 directly
influences both excitatory and inhibitory synapse numbers, whereby reduced
expression biases the system towards increased glutamatergic transmission and an increased

E:l ratio (Nguyen et al., 2020b).

Therefore, in our co-culture system, a bias towards excitatory transmission would imply a
downregulation of astrocytic ephrin-B1 expression. However, as we see no obvious non-cell
autonomous effects on E:l ratios, we hypothesised no change of expression in astrocytes
harbouring the SOD1%%A and C9BAC500 mutations. This would further support the lack of
observed synaptogenesis perturbation seen in our co-culture model. To act as a positive
control and to ascertain the expression pattern of ephrin-B1, we first immunohistochemically
targeted this protein in spinal tissue, along with the classical astrocytic marker GFAP (see
Fig. 20A). Similar to previous reports (Nguyen et al., 2020b), in tissue ephrin-B1 shows a
widescale diffuse expression, punctuated by pronounced blob-like concentrations. Expression
often co-localises with GFAP. Although GFAP is not expressed throughout the entire
astrocyte, (Heller and Rusakov, 2015) there is clear astrocytic expression. As ephrin-B1
signalling is bidirectional, however, neurons in spinal tissue will also express ephrin-B1
(Nguyen et al., 2020b). Astrocytic expression is further confirmed in our validated enriched
astrocyte cultures, whereby ephrin-B1 expression is abundant, appearing diffusely throughout

the cell with high expression at putative cell boundaries (see Fig. 20B).

Ephrin-B1 is known to be abundantly expressed in postnatal week 2-3 in the hippocampus
(Nguyen et al., 2020b), so in addition to looking at the effects of ALS mutations on
expression, it was also interesting to investigate whether a similar developmental pattern of

expression is seen at 2-6W in vitro . First, astrocytes harbouring the SOD1%%A mutation were
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probed for putative effects on ephrin-B1 expression. Astrocytes were still dissociated from
SOD15%A x PSD95-eGFP crosses, as although PSD95-eGFP expression was not seen due to
a lack of neurons in culture, it allowed our findings to be directly comparable to our E:I co-
culture datasets, which used these crosses and thus negated possible confounding variables as
a result of different background strains. For clarity, cells not harbouring an ALS mutation are
referred to simply as ‘Control’, as to avoid calling them ‘non-transgenic’ when they still
express PSD95-eGFP *. Ephrin-B1 expression was clear from DIV 2W, and this continued
until the latest timepoint of DIV 6W (see Fig. 20C). Expression appeared to be highly
variable in our SOD®%A astrocyte cultures, although there was no overall statistical
difference in expression as a result of the ALS mutation (F(1,4)=1.928, P=0.24). There were
also no clear effects of time in culture, revealing no developmental trajectory of expression
(F(1.840, 7.359)=1.295, P=0.33). Low Ns may account for this variability, however, there
was still no clear evidence of disease related change. In our C9BAC500 cultures, there was
considerably less variability, and expression was also clear at all time points measured (see
Fig. 20D). Again, there was no effect of the presence of an ALS mutation on ephrin-B1
expression (F(1,6)=0.4855, P=0.51). There was a statistically significant effect of time
(F(2.192, 13.15)=4.237, P=0.0352), however pairwise comparisons revealed no differences

between individual time points.

Together, we see abundant expression of the contact-dependent, synaptogenic agent ephrin-
B1 at all time points in our primary astrocyte cultures. Despite some variability, we see no
clear evidence of changes in expression in SOD1%%4 or COBAC500 astrocyte cultures,
providing further evidence that our postnatal ALS astrocytes do not cause non-cell

autonomous effects on E:l ratios in disease.
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Figure 20: A) Positive control image of ephrin-B1 expression in P8 wild-type spinal
tissue relative to astrocytic GFAP expression. B) Example image of ephrin-Bl
expression in primary astrocyte culture. C) Expression of ephrin-B1 in primary
astrocytes harbouring the SOD1%%A mutation. ‘G93A’ refers to cultures derived from
SOD16%A +- PSD95-eGFP * animals, whilst ‘Control’ refers to cultures derived from
SOD16%A - pSDY5-eGFP *- animals (N=3 platedowns). D) Expression of ephrin-B1 in
primary astrocytes harbouring the COBAC500 mutation. ‘CO9BAC500’ refers to cultures
derived from C9BAC500 *- PSD95-eGFP *- animals, whilst ‘Control’ refers to cultures
derived from C9BAC500 7~ PSD95-eGFP *- animals (N=4 platedowns).
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2.4. E:1 Ratios Remain Unchanged in the Young SOD1%%A Mouse Spinal Cord

As we observed no changes in E:l ratios when new synapses were being formed using our co-
culture model, we wanted to verify this was also the case in the lumbar spinal cord of young
SOD15%%A mice. Given that postnatal development of the spinal circuitry undergoes major
developmental changes from animals being relatively sessile in week 1, to developing basic
weight bearing locomotion in week 2, to being able to produce complex motor behaviours
similar to that of adults during week 3 (Sharples and Miles, 2021), week 3 was selected as an
appropriate early time point. This provides an early presymptomatic timepoint whereby any
biases in E:I ratios could be observed in the relatively ‘mature’ spinal cord avoiding these
transient developmental changes. It is also a time point immediately after the peak of
postnatal synaptogenesis in the spinal cord, allowing us to look at E:I ratios when this has

largely concluded (Weber and Stelzner, 1980).

As has been discussed in depth previously, the observation that the pre-MN circuitry is
hyperexcitable in ALS (van Zundert et al., 2008; Jiang et al., 2009) may be due to changes in
E:I ratios throughout the grey matter, and not simply onto MNs. Therefore, we wanted to
quantify E:I ratios broadly throughout the lumbar circuitry. In order to do this, we utilised
SOD15%A x PSD95-eGFP crosses, and immunohistochemically targeted synapsin and
gephyrin as before in our co-culture studies. Imaging was conducted at x63 magnification,
however, stitches of 50-60 images were created to effectively capture an entire spinal cord
hemi-section at high resolution. The images produced could then be delineated into Rexed’s
laminae. These are divisions of the grey matter described by Bror Rexed, who divided the

grey matter into lamina 1-10 based on the neuronal cytoarchitecture (Watson et al., 2009).
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Figure 21: A) Schematic demonstrating the Rexed’s laminae of the L3 lumbar spinal
cord used to delineate E:| ratios in different parts of the grey matter (Watson et al., 2009).
B) Example hemi-section scans of synapsin, PSD95-eGFP and gephyrin in a control
spinal cord (SOD16%A - PSD95-eGFP *) and a SOD1%%A spinal cord (SOD16%A *-
PSD95-eGFP *), in addition to zoomed images revealing high resolution synaptic
structures. C) Quantification of E:l ratios across spinal laminae in control versus
SOD1%%* spinal slices (P16-P19, N= 4 for control and SOD1%%4). D) Quantification of
excitatory synapse density across spinal laminae in control versus SOD1%%4 spinal slices
(N=4 for control and SOD1%%4). E) Quantification of inhibitory synapse density across
spinal laminae in control versus SOD1%% spinal slices (N=4 for control and SOD1%%4),
NOTE: Spinal tissue slices produced by Dr. Matthew Broadhead.

Immunohistochemistry, imaging and analysis performed by Calum Bonthron.
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Lamina 1 is the most dorsal, descending to lamina 8 and 9 which represent the medial and
lateral MN pools, respectively (see Fig. 21A). The division of our spinal hemi-sections into
laminae provided a tool with which to investigate putative region-specific alterations in E:l

ratios.

Hemi-section scans were delineated using a standardised mouse spinal atlas (Watson et al.,
2009), allowing for E:I ratio analysis to be compared within, and between, individual
laminae. Examples of such hemi-sections can be seen in Fig. 21B, with zoomed images
beneath showing that the resolution is maintained, allowing for clear observation of punctate
synapsin, PSD95-eGFP and gephyrin expression. Our widescale mapping of E:I ratios across
spinal laminae revealed no effect due to the presence of the SOD1%%4 mutation (see Fig.
16C) (F(1,48)=2.756, P=0.10) (see Fig. 21C). Most laminae showed little variation between
genotypes, with the exception being L3/4, which showed a trend towards a slightly higher E:l
ratio in SOD1%%*A animals versus controls. However, overall, this is consistent with the lack
of E:| shift observed in vitro. There was, however, a strong effect of region on E:I ratio
(F(7,48)=6.740, P<0.0001). In particular, L1/2 showed a stronger bias towards excitatory
transmission compared to multiple other laminae (L1/2 vs L3/4: P=0.0255, L1/2 vs L6:
P=0.0004, L1/2 vs L7: P=0.0005, L1/2 vs L8: P=0.0189 and L1/2 vs L9: P<0.0001). Lamina
10 surrounding the central canal also showed a higher E:l synaptic ratio compared to more
ventral regions (L10 vs L6: P=0.202, L10 vs L7: P=0.0258 and L10 vs L9: P=0.0048). It
therefore appears that different regions of the lumbar grey matter have differential biases in
excitatory versus inhibitory transmission, presumably to facilitate the processing
requirements of the local circuitry. Finally, there was a lack of more complex interactions

between laminae and genotype (F(7,48)=0.8583, P=0.55).
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In order to dissect changes in E:l ratios between regions, in addition to checking once again
that there was no masked parallel change in both excitatory and inhibitory transmission, the
density of both synapse types was quantified across laminae. Excitatory synapse density was
not significantly different between SOD1%% and control spinal cords (F(1,48)=0.02050,
P=0.89), nor was there any interaction between genotype and region (F(7,48)=0.1762,
P=0.99) (see Fig. 21D). There was, however, a difference in excitatory synapses between
laminae (F(7,48)=3.433, P=0.0047), again revealing the most dorsal L1/2 region had
significantly higher synapse density versus multiple other more ventral regions (L1/2 vs L5:
P=0.0315, L1/2 vs L6: P=0.0337, L1/2 vs L7: P=0.0209, L1/2 vs L8: P=0.0264 and L1/2 vs
L9: P=0.0019). Inhibitory synapse density was also not significantly different between
SOD1%%A and control spinal cords (F(1,48)=1.111, P=0.30) (see Fig. 21E). Together with a
lack of genotype effect in excitatory synapse numbers, it is clear that there is no masked
parallel shift in excitatory and inhibitory synapse densities in SOD1%%A cords. Interestingly,
there is no effect of region on inhibitory synapse density (F(7,48)=0.8602, P=0.54). This
suggests therefore that region-specific differences in E:l ratios are mainly driven by changes

in excitatory rather than inhibitory synapse formation.

Together, region-specific analysis of excitatory and inhibitory synapses in young SOD1%%A
spinal cords does not reveal a disease-related E:|I shift towards pathological excitation, and
thus supports a lack of structural evidence for astrocyte-mediated synaptogenesis changes in

ALS.
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2.5. Human iPSC-Derived MN / Astrocyte Cultures Harbouring C9orf72

Mutations Show No Evidence of E:l Shifts

As we found no evidence of ALS-related E:I shifts in both our murine primary culture and
spinal tissue models, we wanted to look for any evidence of excitability bias using human
cells. Induced pluripotent stem-cell (iPSC)-derived MNs are a powerful tool, as they are
electrophysiologcally active cells expressing MN markers such as ISL1/2 and

SMI 32, and can be produced from patient skin fibroblasts (Devlin et al. 2015; Maury et al.,
2015). This provides an effective way to study ALS in human cells in vitro. They can even be
CRISPR-Cas9-corrected to remove pathogenic mutations, leaving otherwise genetically
identical isogenic controls. These have been used to give powerful insights into ALS
mechanisms, including the non-cell autonomous role of astrocytes (Devlin et al., 2015; Zhao
et al., 2020). We therefore wanted to use them to look for evidence of E:| ratio changes
outside of mouse models. We generated iPSC-derived cultures using a slightly modified
protocol described by Selvaraj and colleagues (2018). This produces an enriched culture of
neurons expressing MN marker Islet-1/2 (40-60%), with the rest presumably being
uncharacterised spinal neurons. We, however, did not add anti-mitotic agent U/FDU to
suppress astrocytes, allowing their proliferation to produce a mixed neuronal / astrocytic

culture.

Interneuronal MN synapses have previously been shown to be entirely glutamatergic

(excitatory) (Zhang et al., 2011), with evidence of robust PSD95 expression in other work

using iPSC-derived MNs (Kim et al., 2020). In order to look at E:I ratios in this model, we
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Figure 22: A) Schematic demonstrating expected location of GAD65, VGAT and

gephyrin expression. B) Example image of co-localised presynaptic inhibitory markers

GADG65 and VGAT, overlapping with postsynaptic marker gephyrin.
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first had to validate that we had quantifiable inhibitory synapses. However, with the culture
being enriched in MNs, and other iPSC-derived methodologies showing almost entirely
excitatory transmission in vitro (Devlin et al., 2015), we first wanted to be sure that any
infrequent inhibitory synapses we may see were genuine. To do this, we
immunocytochemically targeted specific inhibitory presynaptic markers GAD65 and VGAT
found at GABAergic and GABAergic / glycinergic presynaptic terminals, respectively (Saito
et al., 2010; Walls et al., 2010). We looked for co-localisation of these markers in our iPSC-
derived MN cultures with the postsynaptic marker gephyrin (see Fig. 22A). We found that
gephyrin puncta were indeed very infrequent, and when they were observed they appeared as
bright punctate structures, as expected. We found evidence of GAD65 and VGAT co-

localisation, and these were opposed to gephyrin puncta (see Fig. 22B).

Confident that the limited inhibitory transmission we saw in our iPSC-derived MN cultures
was genuine, we went on to quantify E:l ratios in multiple platedowns of MNs derived from
an iPSC line harbouring a C9orf72 repeat expansion, along with a gene-corrected isogenic
control line in which the hexanucleotide repeat sequence had been removed. This acts as the
most ideal control when investigating the effects of an ALS mutation. Figure 23A
demonstrates a representative image of our E:l markers in these iPSC-derived MN cultures.
Synapsin and PSD95 are relatively abundant, showing an expected punctate expression and a
significant degree of co-localisation, as can be seen in the zoomed panels. Gephyrin puncta
are present, but very infrequent as described above. The infrequency of inhibitory
transmission was found to limit the extent to which E:| ratios could be informative in this
model (see Fig. 23B). Due to relatively few gephyrin puncta being present, small changes in

inhibitory synapse counts caused large variations in E:| ratios between images, likely
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Figure 23: A) Example image of a DIV 4W iPSC-derived culture expressing synapsin,
PSD95 and gephyrin. Zoomed panels on the right show large degree of synapsin-PSD95
co-localisation, with relatively few gephyrin puncta present. B) Quantification of E:l
ratio in C9orf72 versus isogenic control cultures (DIV 4W, N=3 platedowns). C)
Quantification of ‘adjusted E:I ratio’ in C9orf72 versus isogenic control cultures D)
Quantification of excitatory vs inhibitory synapse densities in C9orf72 cultures vs
isogenic controls. NOTE: Cells grown by Dr. Sarah Burley. Immunocytochemistry,

imaging and analysis performed by Calum Bonthron.
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accounting for the variability seen. Nonetheless, there was no statistically significant
difference in E:I ratio between C9orf72 and isogenic control cultures (t(4)=0.8854, P=0.43).
As it was very common for no obvious gephyrin puncta to be present in a single x63
magnification image, this caused many images to have an ‘infinite’ E:I ratio, due to the ‘I’
value = 0. Therefore, to attain the standard E:|I ratio measurement, there was a large number
of images rejected. In order to better represent all data captured, an ‘adjusted E:I ratio’ was
also calculated, which simply artificially adds a value of ‘1’ gephyrin synapse to images that
lacked any inhibitory transmission at all. This prevents production of infinite values and
resultant mass rejection of images. These values were also very noisy however, likely for the
same reasons discussed earlier (see Fig. 23C). There was no statistically significant difference
in adjusted E:| ratio between C9orf72 harbouring cultures and isogenic control cultures

(1(4)=0.7074, P=0.52).

As a result of this issue, it was deemed more informative in this model to look at individual
excitatory and inhibitory synapse densities to find whether there is any indication of a shift
towards pathogenic excitation. This metric allowed a ‘0’ density value of inhibitory synapses
to be recorded without creating the issue of infinite values as seen in the E:I quantification,
and likely gives a better idea of any synaptic changes. As expected, there was considerably
more excitatory transmission in these cultures than inhibitory transmission (F(1,8)=83.21,
P<0.0001) (see Fig. 23D). There was no significant difference in overall synapse counts
between C9orf72 cultures and isogenic controls (F(1,8)=2.041, P=0.19). Importantly, the
degree of bias towards excitatory synapse formation was not dependent on the genotype of
the cells (F(1,8)=0.006170, P=0.94), indicating that the presence of the C9orf72
hexanucleotide repeat did not cause a pathological shift towards excitation. It should be

noted, however, that iPSC-derived MN / astrocyte platedowns derive from differentiations of
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one iPSC batch (as is common in the field). Therefore, to more definitely show that C9orf72
does not cause E:I shifts, more differentiations using this C9orf72 line, in addition to the use

of more patient-derived lines would be required.
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3. Discussion

We hypothesised that network-wide hyperexcitability in ALS could be, in part, caused by an
early shift in the E:1 ratio towards excitation, and that this reflected the perturbation of
astrocytic synaptogenesis. To assess this, following validation of our ALS x PSD95-eGFP
crosses which allowed for accurate tagging of glutamatergic postsynaptic densities, we grew
combinations of ALS +ve and -ve neurons and astrocytes in our postnatal spinal co-cultures.
When assessing the E:l ratios in these cultures with use of synapsin to tag presynaptic
boutons, in addition to PSD95-eGFP and gephyrin to tag postsynaptic regions of excitatory
and inhibitory synapses respectively, we found no difference between any combination of
genotypes. This was the case in combinations of cells expressing both the SOD1%%4 and
C9BAC500 mutations. There was also no parallel change in the density of excitatory and
inhibitory synapses. This lack of ALS-related E:I shift was mirrored in the expression of
ephrin-B1, a known contact-dependent synaptogenic factor which controls E:I ratios. When
the lumbar spinal cords of young SOD1%%** mice were compared to controls, they showed no
difference in E:I ratios or densities of excitatory / inhibitory synapses across grey matter
laminae. Finally in an iPSC-derived MN model containing astrocytes, we found no change in
the density of excitatory synapses relative to inhibitory synapses as a result of a C9orf72
hexanucleotide repeat. Thus, we find no structural evidence of non-cell autonomous E:I ratio

shifts across multiple ALS models.

The knock-in PSD95-eGFP mouse has been successfully used to investigate synaptic
diversity and ultrastructure in the brain (Broadhead et al., 2016; Zhu et al., 2018) as well as
the healthy spinal cord (Broadhead et al., 2020). It is a powerful genetic tool to reliably image

postsynaptic densities. Thus, it was desirable to use in our study of synaptic changes in ALS.
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We first wanted to verify that when bred with our ALS models, producing progeny that was
now only heterozygous for PSD95-eGFP, that these cultures still showed

detectable GFP signals. This could be worsened by gradual bleaching of GFP during the
culturing period, with the photostability of GFP in vitro already being a known concern
(Bogdanov et al., 2012). Our cultures, however, showed sufficient GFP signals, which
strongly co-localised with a PSD95 antibody, giving us confidence that our GFP signal was

being expressed at the desired postsynaptic site.

ALS x PSD95-eGFP crosses were therefore used to look at non-cell autonomous
synaptogenic effects of astrocytes on E:I ratios. As primary culture protocols involve
enzymatic digestion of tissue to isolate single neurons in suspension, their neurites are
sheared thus so are their synapses (Katzenell et al., 2017). Therefore, plating neurons either
+ve or -ve for SOD1%%%A on top of +ve or -ve astrocytes produces a system whereby synapses
are reformed and affected by the astrocytic factors discussed previously. We observed a bias
towards inhibitory transmission in our co-cultures, with all conditions showing a E:| ratio
below 1 which was not significantly different between SOD1%%4 and C9BACS500 cultures,
nor their respective controls. Our whole-cell patch-clamp data, however, suggested that the
majority of active synapses in vitro were excitatory. There are a number of reasons why this
may be the case. First, although downward deflections when held at -60mV are likely
excitatory due to increased Ca?* / Na* permeability through glutamate-gated ion channels, the
composition of the internal and external solutions may result in -60mV being below the CI
reversal potential instead of above, as assumed. Unlike when we are above the CI" reversal
potential causing GABA / glycine-mediated CI” entry into the cell, if we are the below the
reversal potential at -60mV, this would cause CI to reverse in direction and leave the cell.

This therefore would also create downward deflections in voltage clamp mode. This could be
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checked by also looking at spontaneous postsynaptic currents when the cell is held at a value
well above the CI" reversal potential, such as -40mV. In addition, electrophysiological
synaptic quantification was done during validation of our neuronal monocultures, and as we
know astrocytic presence directly modulates inhibitory synaptic formation (Cuevas et al.,
2005; Diniz et al., 2012; Diniz et al., 2014), the astrocytic layer in our co-cultures may have
preferentially increased inhibitory synaptogenesis. There is also the possibility that inhibitory
synapses are structurally present but delayed in maturity versus excitatory ones. This is
unlikely however, as there is physiological evidence in other primary co-culture models of

mature inhibitory transmission by DIV 3W (Elmariah et al., 2005).

We did not note any astrocyte-driven effects on E:l ratios in our co-cultures, but we also did
not see a difference in the E:| ratio between our purely +ve (+ve neurons and +ve astrocytes)
and purely -ve cultures in both SOD1%%4 and CI9BACS500 cultures. Confirmation of this
using multiple ALS mouse models is important, as although the COBAC500 model has been
criticised for its inconsistency in developing reliable phenotypes (Mordes et al., 2020;
Nguyen et al., 2020), the lack of effect in the robustly phenotypic SOD1%%** model gives us
confidence that this is not simply due to poor penetrance in one mouse model. Evidence of
shifts towards excitation (usually only by quantifying a loss of inhibitory synapses) is found
much later in disease progression than the P2/3 animals used in our cultures (Sunico et al.,
2011; Chang and Martin, 2009; Qian et al., 2017). These studies often only look at inhibitory
loss directly onto MNSs, so it is possible a more nuanced effect of E:I shifts may be seen if
MNs alone were investigated in our model. However, as previously mentioned, markers such
as ChAT or VAChT fail to effectively stain all of the cell, making complete quantification of
synaptic input challenging (Schutz, 2005; Chang and Martin, 2009). Even if we observed E:l

ratio shifts of synaptic input onto MNs, hyperexcitability of the larger spinal network as a
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whole has been recorded, so this would not explain this tendency for excessive excitability in
spinal interneurons. It is also a possibility that the time point selected does not show any
genotype-related effects on E:l ratios. Longer-term co-culture was found to be challenging, as
a limitation in our model is the propensity for astrocytic layers to peel when in culture for

longer than 6W (usually DIV 2-3W before neuronal plating), making this difficult to test.

We also found no clear changes in ephrin-B1 expression in both SOD1%%A and C9BAC500
astrocytes. In the hippocampus during a major period of synaptogenesis, ephrin-B1 can act to
modulate E:I ratios. Downregulation causes boosted excitatory synapse formation as well as
loss of inhibitory synapses, which appears to at least partially be due to parvalbumin +ve
inhibitory neuron loss (Nguyen et al., 2020a; Nguyen et al., 2020b). This subtype of
inhibitory interneuron is known to be populous in the spinal cord (Petitjean et al., 2015). In
the brain, there is evidence of ALS-associated hypoexcitability of parvalbumin +ve
interneurons, which directly modulate excitability of layer 5 primary motor cortex pyramidal
cells (Khademullah et al., 2020). There is, however, no reported loss of these cells in
SOD15%%A motor cortices (Clark et al., 2017), and although ubiquitinated aggregates are
noted in parvalbumin +ve cells at 20W of age in a low-copy number SOD1%%A model
(Hossaini et al., 2011), there is no evidence of early-stage loss which could contribute to an
ephrin-B1-related shift in E:I ratios. This result provides further confidence in the conclusion

that there are no ALS-related E:1 shifts in our primary co-culture model.

In order to see if intact spinal circuitry shows alterations in E:| ratios in a mouse model of
ALS, we utilised the same excitatory and inhibitory synaptic markers as in our in vitro study.
We chose to compare SOD1%%* and control animals at week 3, immediately after major

periods of synaptogenesis and maturation in order to assess if this early system may be
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developmentally primed towards excess excitation. To our knowledge, this is the first
instance of a complete synaptic map encompassing excitatory and inhibitory transmission
across all lumbar laminae in ALS. We found region-specific differences in E:l ratios, finding
that the most dorsal laminae L1/2 showed a greater bias towards excitation than more ventral
regions. A high density of PSD95+ve PSDs has been noted previously in the superficial
laminae of the dorsal horn (Broadhead et al., 2020). This is likely due to this area being a hub
for somatosensory processing, with all primary afferents and a large majority of local
interneurons being glutamatergic, increasing the relative amount of excitation in this region
(Gutierrez-Mencinas et al., 2016). This was reflected when synapse densities were analysed
separately, as we see significantly higher excitatory synapse densities in L1/2 compared to
more ventral regions, whilst inhibitory synapses were not significantly different between

laminae.

Presence of the SOD1%%** mutation had no effect on E:l ratios however, consistent with our
in vitro dataset. Previous evidence of synaptic subtype loss throughout the grey matter is
sparse, with most evidence measuring synapses directly onto MNs. Hossaini and colleagues
(2011) noted GABAergic presynaptic loss at a symptomatic stage, and GABAergic /
glycinergic loss at end stage in a low-copy number SOD1%%** mouse model. They used
immunohistochemistry to look at intensity of staining throughout the grey matter. This
timepoint is difficult to compare due to vastly different disease progression in these two
models, but it appears to suggest that inhibitory loss is a late-stage phenomenon likely
reflecting interneuron cell death, and not the developmental excitatory shift we hypothesised.
Interestingly, we also observed no evidence of E:l shift in L8 and L9, which represent medial
and lateral motor pools (and surrounding input), respectively. We did not see changes in MN

input as reported by other groups described previously. Although this inconsistency may be
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due to a different method of quantification (delineation of laminae vs direct quantification of
synapses onto MNs) in addition to differential specificity of synapse subtype targeted, such
changes have all been reported much later in disease progression (2-3 months of age), which

is likely a factor in this discrepancy (Sunico et al., 2011; Chang and Martin. 2009).

Finally, as we saw no evidence of altered E:I ratios in our mouse models, we wanted to assess
if this was the case in human cells. iPSC-derived MN cultures have been used to probe many
mechanisms of disease, from excitability changes to non-cell autonomous MN death and
mitochondrial impairment (Devlin et al., 2015; Mehta et al., 2021; Selvaraj et al., 2018).
They provide a powerful tool with which to probe ALS disease mechanisms in human cells
and in the process, hopefully aid translatability of knowledge. In our hands, we found that a
large amount of intraneuronal MN synapses are glutamatergic in vitro, as has been previously
shown (Zhang et al., 2011). We found evidence of infrequent inhibitory transmission in our
cultures. As such, E:I values were highly variable due to this infrequency, whereby small
changes in inhibitory synapse counts caused large differences in E:l ratios. Investigation of
synapse densities alone was more informative, with no obvious pathological changes as a
result of the C9orf72 mutation, although it is clear due to the low amount of inhibitory
transmission in these cultures that quantifying the E-1 balance is noisy. iPSC-derived MNs
harbouring C9orf72 mutations have been shown to display some degree of excitatory
synaptic loss previously (Catanese et al., 2021), however, this was seen in cultures grown for
considerably longer (over twice the time DIV). Also, this quantification appears to have used
a combination of iPSC-derived MN lines from healthy controls in addition to isogenic control
lines in their comparison. This is not considered good practice, as the isogenic control for a
single C9orf72 mutant line represents the best point of comparison. This is due to having an

otherwise identical genetic profile, allowing the contribution of the mutation to be assessed
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accurately. Although our data is informative in addition to results gathered from other
models, more platedowns and patient derived iPSC lines would strengthen our argument, as

admittedly N numbers are low for such a noisy quantification.

Overall, therefore, in our primary co-culture in vitro model, young SOD1%%A spinal cords,
and C9orf72-harbouring MN/astrocyte cultures, we see no structural evidence of early
pathogenic E:l shifts in ALS. It is possible, however, that there are still early functional
changes which may not have been picked up by anatomical analyses. One possibility is that
although we see the same numbers of excitatory and inhibitory synapses between conditions,
in ALS some may be dysfunctional as can be seen in Fragile X syndrome, where there
appears to be an increase in synapses but not all are functional or mature (Pfeiffer and Huber,
2009). Alternatively, as hypothesised by Kiernan and colleagues (2019), a developmental
shift towards hyperexcitability could be due to a delay in the GABAergic switch from
excitatory to inhibitory transmission. This switch is a result of changes in KCC2 and NKCCL1
expression during the early postnatal period (Furukawa et al., 2017). This helps alter the
initially high intracellular chloride concentrations as neurons mature, resulting in a switch
from GABAergic transmission causing depolarisation to hyperpolarisation (Kiernan et al.,
2019; Schulte et al., 2018). Alterations in the balance of these transporters modulate
intracellular CI” concentrations. Indeed, factors such as neonatal stress have been shown to
downregulate KCC2 expression during development and cause a resultant delay in the
GABAergic switch (Furukawa et al., 2017). It is conceivable therefore, that in ALS via an
undefined mechanism, there is a downregulation of KCC2 expression that primes the system
towards hyperexcitability without showing resultant changes in structural markers. Modol
and colleagues (2014) observed no evidence of changes in KCC2 expression in the ventral

lumbar spinal cord of SOD1%%** mice at 8, 12 and 16 weeks of age. However, other authors
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have noted downregulation of KCC2 mRNA transcripts at the symptomatic age of P120 in
lumbar MNs, as well as presymptomatically (P80) in hypoglossal MNs (Fuchs et al., 2010).
This was reflected in the qualitative assessment of KCC2 protein immunoreactivity in the
ventral horn. NKCC1 mRNA levels were unaltered in the SOD1%%*A spinal cord however
(Fuchs et al., 2010). There is tentative evidence of possible KCC2-driven alterations in spinal
network excitability therefore, however, a more thorough examination of the balance between
KCC2 and NKCCL1 at very early stages of the disease is necessary to ascertain if this is the

case.

To conclude, there does not appear to be structural evidence of developmental shifts in E:l
ratios in spinal networks in ALS. It is possible that we have failed to capture even earlier
changes. However, evidence from young spinal tissue after the major period of postnatal
synaptogenesis would suggest that if this is the case, it is transient and likely does not
represent a major driver of later hyperexcitability. Astrocytes do not only modulate
synaptogenesis, however. As discussed previously, they are important regulators of function
at the tripartite synapse, where they have the capability to contribute to pathogenesis in a
multitude of other ways. Investigation of their properties at these structures will be the next
topic of investigation, in order to further elucidate the roles of astrocyte-synapse interactions

in ALS.
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Chapter 5

Investigating the Interaction of Astrocytes

with Mature Synapses in ALS
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1. Introduction

Astrocytes do not only act to promote synaptogenesis early in development. They are
responsible for a multitude of functions and interact with mature synapses at structures called
‘tripartite synapses’ (Allen and Eroglu, 2017). Envelopment of synapses by astrocytes
appears to be a complex and dynamic process, whereby the degree of synaptic coverage is
influenced by the activity of the surrounding neural network (Bernardinelli et al., 2014;
Genoud et al., 2006). Synaptic envelopment involves very small protrusions (<100nm)
budding off the astrocytes’ complex branching structure. These are referred to as perisynaptic
astrocytic processes (PAPS) and contain an enormous variety of proteins required for their
function (Heller and Rusakov, 2015). These include metabotropic glutamate receptors, which
are required for reacting to neuronal activity both via alteration of synaptic coverage and
release of ‘gliotransmitters’ to modulate neuronal transmission (Bernardinelli et al., 2014;
Broadhead and Miles, 2020; Lavialle et al., 2011; Witts et al., 2011). Also expressed at PAPs
are glutamate transporters, including EAAT1 and EAAT?2 (referred to GLAST and GLT-1 in
humans, respectively), with EAAT2 appearing to be responsible for the majority of glutamate
transport (Lehre and Danbolt, 1998; Pajarillo et al., 2019; Rothstein et al., 1996). Here they
remove excess glutamate present in the synaptic cleft. This allows for the recycling of
glutamate via the glutamate-glutamine cycle enabling sustained future synaptic activity
(Uwechue et al., 2012; Tani et al., 2014), as well as the prevention of excitotoxicity

(Rothstein et al., 1996).

Given that we found little evidence of astrocytic synaptogenic pathology during development,
and considering the multitude of essential roles astrocytes fulfil at the mature synapse,

perturbation of these interactions may also represent a mechanism of ALS pathogenesis.
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Alterations of these roles in disease have indeed been reported. Amongst the most reported
changes seen in ALS post-mortem tissue is the observation of dramatic EAAT2 loss
(Rothstein et al., 1995). As discussed in Chapter 1 Section 3.4, multiple animal models reflect
this loss, potentially presymptomatically (Bendotti et al., 2001; Bruijn et al., 1997; Howland
et al., 2002). This may be the result of caspase-3-mediated cleavage of EAATZ2, resulting in
reduction of glutamate uptake (Boston-Howes et al., 2006). In addition, aberrant EAAT?2
RNA processing has been shown to be present in SALS patients, producing translated
proteins which undergo degradation (Lin et al., 1998). The only FDA-approved drug for
ALS, Riluzole, adds credence to this disease mechanism whereby it appears to partially
counter the effect of excitotoxicity (Rosenblum and Trotti, 2017). This is likely due to a
number of factors including modulation of neuronal currents such as PICna, however, there is
also evidence that it may act to directly increase the activity of remaining EAAT2

transporters (Carbone et al., 2012; Rosenblum and Trotti, 2017).

Gliotransmission, the process by which astrocytes release factors in response to surrounding
neuronal activity, might also be perturbed in ALS and could therefore represent another
mechanism of tripartite dysfunction. Local glutamate release from the spinal CPG network
activates metabotropic glutamate receptors on astrocytes, causing subsequent release of
astrocytic ATP. This ATP is extracellularly degraded to adenosine, activating neuronal Az
adenosine receptors which inhibit neuronal activity (Broadhead and Miles, 2020; Witts et al.,
2011). Evidence of increased cerebrospinal adenosine levels (Yoshida et al., 1999), in
addition to increased expression of the excitatory Az, receptor in post-mortem ALS tissue
(Ng et al., 2015), suggests such a system could be perturbed to promote excitotoxicity. This is
further supported by evidence demonstrating that pharmacological inhibition of Aza receptors

delayed disease progression in SOD1%%** mice (Ng et al., 2015).
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The interaction of astrocytes at mature synapses is therefore of interest, as tripartite synapses
could represent a point of weakness in disease. In order to study them, however, we need a
reliable way of visualising the fine astrocytic PAPs which envelope synapses. Astrocytes are
complex cells, expressing a large number of markers that are not appropriate for such
analysis. For example, GFAP, a classical marker regularly used to define astrocytic identity,
is only expressed in the major processes of the cell, and not in the fine motile protrusions that
are of interest (Heller and Rusakov, 2015). Multiple appropriate PAP protein targets have
been suggested. One is glutamine synthetase, an abundantly expressed astrocytic marker
which has been found at PAPs with the use of immunoelectron microscopy (Derouiche and
Frotscher, 1991). Members of the ERM (ezrin, radixin and moesin) protein family are of
interest due to their binding of actin at motile processes. Radixin was shown to be present in
protruding ‘filopodia’ of cultured astrocytes, as was ezrin (Derouiche and Frotscher, 2001).
Ezrin in particular is of interest, as later work suggested that its T567-phosphorylated active
form (p-ezrin) is required for motility, where it links the actin skeleton to the plasma
membrane (Bosk et al., 2011; Lavialle et al., 2011). Such motility is required at PAPs, with p-
ezrin being found in motile filopodia, co-localising with glutamine synthetase and often being
apposed to synaptic markers, providing strong evidence that p-ezrin is a selective marker for
PAPs (Lavialle et al., 2011). Another favoured PAP protein candidate is EAAT2. Due to its
role in clearing glutamate from the synaptic cleft, its perisynaptic location is required for its

function. Its location at the PAP is supported by EM work (Melone et al., 2009).

Astrocytes therefore undergo a range of essential functions at the tripartite synapse. As
discussed before, there is a large body of evidence reporting later-stage synaptic perturbations

in ALS (Chang and Martin, 2009; Ince et al., 1995; Sunico et al., 2011; Zhang et al., 2005).
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In addition, astrocytic dysfunction has been reported via a variety of different mechanisms
(\Valori et al., 2014). This includes dysfunction of proteins thought to reside at the tripartite
synapse, such as EAAT2 (Howland et al., 2002). When taken together, it is conceivable that
synaptic and astrocytic dysfunction are intrinsically linked, and that the tripartite synapse
may represent a vulnerable fulcrum of disease in ALS. In order to test this hypothesis, we
will look at tripartite synapse properties at multiple stages of ALS, from presymptomatic to
symptomatic stages, in order to assess if tripartite synapses are at risk during the progression

of disease.

168



2. Results

2.1. Validation of PAP Markers to Ensure Accurate Tripartite Visualisation

As previously mentioned, multiple markers have been suggested as appropriate protein
targets for PAPs (Heller and Rusakov, 2015). Before being able to assess the interaction of
astrocytes with mature synapses at the tripartite synapse, we first wanted to validate some of
these suggested markers. The tripartite synapse is represented in a schematic in Figure 24A,
whereby the presynaptic bouton releases glutamate which is detected at the PSD. The
enveloping PAP, which is on average 50nm away from the pre- and postsynaptic membranes
(Octeau et al., 2018), engulfs the synapse. Two markers were selected for further
investigation: EAAT2 and T567-phosphorylated-ezrin (p-ezrin). As described earlier,
EAAT?2 expression at the astrocytic membrane facilitates the glutamate-glutamine cycle and
prevention of excess glutamate retention, which could lead to excitotoxicity (Pajarillo et al.,
2019; Stenovec et al., 2008; Uwechue et al., 2012). In order for this transporter to fulfil this
role, it is logical for its expression to be located at PAPSs, a hypothesis that is supported by
EM work (Melone et al., 2009). P-ezrin, which has been shown to be expressed at astrocytic
filopodia, is also a promising marker as it links the actin cytoskeleton to the plasma
membrane at motile sections of the membrane (Bosk et al., 2011.; Derouiche and Frotscher,
2001). This therefore acts as a ‘structural marker’, whereby it should only be expressed at
dynamic PAP membranes (Lavialle et al., 2011). Figure 24B provides a schematic of an

astrocytic PAP, showing the locations of EAATZ2 and p-ezrin.
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Figure 24: A) Schematic demonstrating the organisation of the tripartite synapse,
whereby excess glutamate (represented by ) is transported into the astrocyte at the PAP.
B) Molecular location of PAP markers EAAT?2 and p-ezrin (Bosk et al., 2011; Stenovac
et al., 2008). C) Expression of EAAT2 in primary culture astrocytes (left) and lumbar
spinal cord tissue (right). EAAT2 regularly co-localises with astrocytic marker GS (white
arrows). D) Example image demonstrating EAAT2 as a tripartite synapse marker in
lumbar spinal tissue. EAAT? partially co-localises with glutamatergic synapse markers
VGLUT2 and PSD95-eGFP (white arrows).
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In order to validate our markers, we wanted to examine their expression in a variety of
models, including primary astrocyte cultures and lumbar spinal tissue. Figure 19C
demonstrates expression of EAAT2 in primary astrocyte cultures, showing a refined, punctate
appearance. This regularly co-localises with glutamine synthetase (GS). GS is a protein
expressed throughout the astrocyte (Anlauf and Derouiche, 2013), has been confirmed at the
PAP using EM work (Derouiche and Frotscher, 1991) and has been used previously to tag
large areas of the cell including its fine processes (Lavialle et al., 2011). GS expression was
similar to that in Chapter 3 and in previously described work (Anlauf and Derouiche, 2013).
Importantly, EAAT2 puncta showed considerable co-localisation with GS, indicating that it is
abundantly expressed in our primary astrocytes. In the lumbar spinal cord, GS is clearly
expressed in astrocytic populations, revealing their long processes. EAAT2 again presents as
fine puncta in the spinal cord, also showing clear localisation with GS +ve astrocytic
processes (see Fig. 24C). Finally, in order to ascertain if this punctate expression is found in
close association with synapses, we again used our PSD95-eGFP animals together with
antibodies targeting the presynaptic glutamatergic marker VGLUT2 (Todd et al., 2003).
VGLUT2 and PSD95-eGFP both showed expected dense punctate expression, often partially
co-localising at putative synapses (see Fig. 24D). EAAT2 puncta showed regular apposition
to both markers, and the 3 were often associated with one another. As EAAT2 is both
expressed in GS +ve astrocytes and regularly associates with synapses, this provides
convincing evidence that EAAT? is an appropriate marker for visualising the tripartite

synapse.

Next, we assessed the expression of our other putative PAP marker, p-ezrin. In order to assess
expression at defined points of membrane extension where it is thought to reside, we first

utilised super-resolution microscopy to look at p-ezrin. The resolution of conventional
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microscopes is limited by Abbe’s Diffraction Limit, which describes the maximum
theoretical resolution of a point source of light (Huang et al., 2010). This is due to the
diffraction of light when it passes thought a microscope objective, meaning even a point
emitter will produce a wide intensity profile. This pattern of intensity is described as the point
spread function (PSF). Therefore, if two identical emitters are separated by a distance less
than the width of the PSF, they will be indistinguishable from one another and appear as a
single object (Huang et al., 2010). Ultimately, this sets a resolution barrier dictated by
diffraction, whereby conventional microscopy is limited to 200-250nm in the lateral direction
(Wegel et al., 2016). Gated stimulated emission depletion (gSTED) microscopy is a method
that can be used to overcome this and reach higher resolutions. It does this by utilising a high
intensity red-shifted beam in a donut shape, which induces stimulated emission and confines
fluorophores within this shape to the ground state for a limited time, transiently quenching
them (Hernandez et al., 2015; Vicidomini et al., 2014). Only fluorophores in a very small
focal spot in the centre (which has a dimension below the diffraction limit) can fluoresce
when excited by the non-STED laser, increasing resolution up to approximately 50nm

(Wegel et al., 2016) (see Fig. 25).

Confocal

Figure 25: Schematic showing a 2D demonstration of PSFs in confocal vs gSTED
microscopy. (Left) shows a 2 overlapping PSFs in confocal microscopy, meaning the 2
emitters are indistinguishable. (Right) shows 2 PSFs in gSTED microscopy, whereby the
red circle represents the effective narrowing of the PSFs by the red-shifted gSTED beam,

so the green PSFs are now far enough apart to be viewed as 2 separate emitters.
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We utilised primary astrocytes labelled with p-ezrin and GFAP at x100 magnification using a
gSTED microscope to reveal fine p-ezrin expression. GFAP showed expected fibrillar
expression, with correlative confocal microscopy demonstrating the dramatic increase in
resolution when using the STED laser (see Fig. 26A). P-ezrin had a heterogenous punctate
expression, separated from the GFAP expression, likely representing the cell membrane
which was not evident when observing GFAP alone. gSTED images show this membrane
bound expression particularly clearly, with p-ezrin puncta presumably present at motile
sections of astrocytic membrane. This was confirmed when looking at further astrocytic
cultures, in which extending astrocytic processes showed large amounts of p-ezrin expression
at the terminus of the process (see Fig. 26B, left). To confirm p-ezrin expression was similar
in spinal tissue, we co-labelled p-ezrin with GS in tissue from the lumbar region of the spinal
cord. P-ezrin was abundantly present, showing a similar punctate appearance. Importantly, it
co-localised significantly with GS, particularly in what appeared to be more distal regions of
the cell (see Fig. 26B, right). Again, expression was checked relative to glutamatergic pre-
and postsynaptic markers VGLUT?2 and PSD95-eGFP. P-ezrin puncta were regularly closely
associated with VGLUT2-PSD95-eGFP +ve synapses (see Fig. 26C). Together, this provided
evidence that p-ezrin was appropriately tagging PAP membranes. As a final piece of evidence
that this was the case, we utilised dye-labelling of EAAT2 and p-ezrin primary antibodies to
look at them simultaneously (as both were raised in the same animal). Importantly, both were
strongly co-localised with one another, and appeared along GS +ve processes (see Fig. 26D).
This indicates that both proteins are likely expressed in similar regions (i.e. at PAPs), and as
such we were confident proceeding with their use as markers for imaging the tripartite

synapse.
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Figure 26: A) Example images of correlative confocal and gSTED microscopy showing
p-ezrin and GFAP expression in primary spinal astrocytes. White arrows indicate p-ezrin
membrane expression. B) (Left) Example image showing p-ezrin expression at the
terminus of an astrocytic process in primary spinal astrocytes. White arrows indicate p-
ezrin expression. (Right) Example image demonstrating p-ezrin expression in lumbar
spinal tissue, which co-localises with glutamine synthetase. White arrows indicate GS
*ve p-ezrin expression. C) Example image demonstrating p-ezrin is regularly associated
with VGLUT2-PSD95 +ve synapses. White arrows point to tripartite synapses D)
Example image showing dye-labelling of EAAT2 and p-ezrin primary antibodies,
together with glutamine synthetase. This reveals significant co-localisation of both
putative PAP markers along GS +ve processes (white arrows). NOTE: Dye-labelling

performed by Dr. Matthew Broadhead and Maite Lopez.
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2.2. Analysis of Tripartite Synapses in the Healthy Spinal Cord Reveals that

Astrocytic Contact is Associated with Altered Postsynaptic Properties

After validation of our PAP markers, we first wanted to deploy them to assess tripartite
properties in the healthy spinal cord. This enabled us to confirm whether we could use our
methodology of conventional fluorescence tripartite imaging before utilising it in ALS
studies. As there is evidence that astrocytic contact directly affects stability of dendritic
spines (Bernardinelli et al., 2014), we wanted to probe whether postsynaptic properties varied
depending on astrocytic contact. In order to do this, we used both EAAT?2 and p-ezrin as PAP
markers, in combination with VGLUT2 and PSD95-eGFP. Synapses were imaged in the
ventral horn laminae L7-9 and divided into four groups: PSD95 only, PSD95 w. PAP marker
(EAAT2 / p-ezrin), PSD95 w. VGLUT?2 (i.e. non-tripartite synapses) and PSD95 w.

VGLUT2 and PAP marker (i.e. tripartite synapses).

First, EAAT2 was abundantly expressed in the lumbar spinal cord. It also showed close
association with VGLUT2 and PSD95, demonstrating the presence of many tripartite
synapses (see Fig. 27A). We see isolated PSD95 +ve PSDs, likely because other VGLUT
isoforms are expressed in the spinal cord and may be present at un-tagged presynaptic
boutons (Alvarez et al., 2004), or their presynaptic partners may be on a different focal plane.
However, VGLUT?2 is the most densely and uniformly expressed isoform in the spinal cord
(Todd et al., 2003). Taking advantage of our PSD95-eGFP model to accurately measure size
and fluorescence intensity (1 GFP molecule per PSD95 molecule, therefore fluorescence
intensity should linearly correlate with PSD95 expression (Chiu et al., 2001)), we analysed
these postsynaptic properties across our 4 different synaptic subtypes. We observed a

significant difference in PSD size between synaptic subtypes (F(3)=224.7, P<0.0001), with

177



e

- A

A

-

-

0.6

(zumi) az1s dsd

EAAT?2 Tripartite

»*

110 4

Tripartite

PSD95 w. PSD95 w.

EAAT2

PSD95 Only

VGLUT2

P-Ezrin Tripartite

(zuml) az1g asd

L Ll Ll Ll L
2 8 2 8 8
() Arsuayy dsd
2
=
«
S
e
3 o
Ep
23
20
Ay
B
a
»n K
[a¥E="
=
=
e}
w
D
a
wn
Ay

178



Figure 27: A) Example image showing tripartite imaging w. EAAT2 in 1-2 m.o. PSD95-
eGFP** animals, including 4 analysed synaptic subtypes (PSD95 Only, PSD95 w.
EAAT2, PSD95 w. VGLUT2 and Tripartite). B) Graph demonstrating PSD size in 4
synaptic subtypes w. EAAT2 as a PAP marker (N=3 animals). C) Graph demonstrating
PSD intensity in 4 synaptic subtypes w. EAAT2 as a PAP marker (N=3 animals). D)
Example image showing tripartite imaging w. p-ezrin in 1-2 m.o. PSD95-eGFP**
animals, including 4 analysed synaptic subtypes (PSD95 Only, PSD95 w. p-ezrin, PSD95
w. VGLUT?2 and Tripartite). E) Graph demonstrating PSD size in 4 synaptic subtypes w.
p-ezrin as a PAP marker (N=3 animals). F) Graph demonstrating PSD intensity in 4
synaptic subtypes w. p-ezrin as a PAP marker (N=3 animals). NOTE: Tissue generation,
method development and immunohistochemistry completed by Calum Bonthron and Dr.
Matthew Broadhead. Analysis performed by Dr. Matthew Broadhead. Figure adapted
from Broadhead and Bonthron et al., 2020).
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PSDs that were part of tripartite synapses being up to 50% larger than uncontacted PSDs
(P<0.001) (see Fig. 27B). Additionally, pairwise comparisons confirmed that tripartite
synapses had significantly larger PSDs than non-tripartite synapses (P<0.001). We also noted
a significant difference in PSD intensity between synaptic subtypes (F(3,6)=35.0, P<0.0001),
with tripartite synapses being significantly brighter than PSDs alone (P<0.01) and non-

tripartite (P<0.01) synapses (see Fig. 27C).

Next, postsynaptic properties were analysed with p-ezrin as our astrocytic PAP marker.
Again, p-ezrin showed a heterogenous punctate appearance, which was regularly associated
with glutamatergic synapses (see Fig. 27D). When we compared PSD size, we saw the same
significant difference between synaptic subtypes (F(3)=33.3, P<0.0001). There was a
strikingly similar increase in PSD size when part of a tripartite synapse compared to lone
PSDs (P<0.001) when using p-ezrin as our PAP marker versus using EAAT?2 (see Fig. 27E).
Again, this was also the case when tripartite synapses were compared to non-tripartite
synapses (P<0.01). Finally, a significant effect on PSD intensity was also noted when using
p-ezrin as the PAP marker (F(3,6)=17.1, P<0.01) (see Fig. 27F), with pairwise comparisons
confirming that PSDs at tripartite synapses were brighter than those at non-tripartite synapses

(P<0.05).

Taking data utilising two different PAP markers together, we can conclude that astrocytic
contact appears to be directly associated with differences in PSD structure, including PSD
size and intensity (therefore molecular concentration of PSD95 at the PSD). The similarity
between EAATZ2 and p-ezrin datasets also further confirms they are tagging similar regions of
the astrocyte, and therefore are appropriate to take forward for use in a comprehensive

tripartite analysis in ALS.
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2.3. Analysis of Tripartite Synapses in SOD1%%A Mice Reveals Selective Loss

Before MN Degeneration

Following the successful characterisation of tripartite synapses in the healthy spinal cord, we
wanted to use our methodology to track tripartite synapses at different stages of disease. As
previously mentioned, due to reported widescale synaptic changes in ALS (Ince et al., 1995),
we wanted to quantify tripartite synapses throughout the grey matter of the lumbar spinal
cord. In order to do this, we produced high magnification hemi-section scans of our tripartite
markers EAAT2 / p-ezrin, VGLUT2 and PSD95-eGFP, again using SOD1%%A x PSD95-
eGFP crosses. We produced these at 3 different time points. These included a
presymptomatic 8W time point, an early symptomatic 12W time point, and a later
symptomatic 16W time point at which time the animals had undergone significant ALS-
related weight loss (see Fig. 28A). 16W is still described as ‘early symptomatic with weight
loss’, as late-stage disease or ‘endpoint’ can be up to 22-23 weeks of age (Kim et al., 2016).
Our humane endpoint was well before this, defined as the emergence of gait abnormalities.
This was selected together with our NACWO (Named Animal Care & Welfare Officer), as
after this, animals can quickly progress to hind-limb dragging and begin to have difficulties
eating. It also gives us insight into tripartite synapses during the early development of
symptoms, which we were particularly interested in. Immediately before animals were
transcardially perfused, the emergence of ALS motor phenotypes was assessed by checking
for hind limb splay / tremors when lifted by the tail, which are the first observable signs of
motor weakness in SOD1%%A animals. Figure 28B shows the proportion of animals at each
time point which showed this before death. At our 8W time point, no animals showed any
signs of hind limb splay. At 12W, all males and 3/5 females showed early ALS phenotypes.

A slight delay in female disease onset has been noted previously (Pfohl et al., 2015), and our
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Figure 28: A) Schematic describing the time course in which tripartite synapses were
assessed, from presymptomatic animals at 8W, to early symptomatic at 12W, and finally
early symptomatic with weight loss at 16W. B) Table demonstrating the proportion of
animals showing hind-limb tremors at each time point in male and female mice. C)
Quantification of ChAT +ve MN size at 16W in SOD1%%4 animals (N=3) vs controls
(N=5). D) Quantification of ChAT +ve MN density at 16W in SOD1%%4 animals (N=3)
vs controls (N=5). NOTE: Tissue generation and phenotype monitoring performed by
Calum Bonthron and Dr. Matthew Broadhead. MN quantification performed by Dr.
Matthew Broadhead and William V. Smith. Figure adapted from Broadhead and
Bonthron et al., 2022.
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data is consistent with this. Finally, at 16W, all male and female animals showed clear hind
limb splay in response to suspension by the tail. Finally, as another measure of disease
progression, we measured ChAT +ve MNs at our latest time point of 16W. There was no
significant difference in MN count at 16W (t(6)=0.9903, P=0.36) (see Fig. 28D) between
SOD1%% and control animals. There was also no difference in overall MN size
(t(6)=0.2461, P=0.81) (see Fig. 28C), reflecting the fact that vulnerable, large F MNs were

not yet being lost, which would have resulted in a decreased average MN area.

First, we utilised EAAT2 as our PAP marker and comprehensively mapped tripartite
synapses in lumbar spinal hemi-sections at 8W, 12W and 16W in SOD1%%A males. Figure
29A demonstrates our high magnification scans in both control (SOD1%%A - PSD95-eGFP *
) and SOD1%%A (SOD1%%A*- pPSDY5-eGFP ) animals, along with zoomed images
highlighting the association of EAAT2 puncta with VGLUT2 and PSD95-eGFP puncta. In
order to assess whether astrocytic contact at the synapse is associated with any ALS-related
changes, we separately quantified synapses not contacted by astrocytes (i.e. non-tripartite
synapses) and those contacted by PAPs (i.e. tripartite synapses). At all time-points, we saw
no significant differences in non-tripartite synapse density (8W: (F(1,56) = <0.0001, P=0.99),
12W: (F(1,56)=1.37, P=0.25) and 16W: F(1,64)=2.40, P=0.13)). Therefore, at all disease
stages measured, non-tripartite synapse numbers were similar in SOD1%% animals compared
to controls (see Fig. 29B,C and D). When tripartite synapses were analysed, however, we
noted there was a significant increase in EAAT?2 tripartite synapse density in 8W SOD16%34A
animals versus controls (F(1,56)=7.21, P=0.0095) (see Fig. 29B). Multiple comparisons
testing found no significant differences between genotypes within individual laminae,
however (P: L1/2=0.92, L3/4=0.97,L5=0.97, L6 =0.82,L7 =0.83,L8 =0.99, L9 > 0.99

and L10 = 0.46). This was followed by a subtle but significant decrease in tripartite density
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Figure 29: A) Example images of 16W EAAT?2 tripartite hemi-sections from Control
(SOD16%A--pSDY5-eGFP *) and SOD1%%4 (SOD1%%A*- PSD95-eGFP *) mice, along
with zoomed sections. White arrows indicate tripartite synapses. B) Heat maps showing
% change in density of non-tripartite (left) and tripartite (right) synapses in SOD16%A
animals relative to controls at 8W. Statistical significance is denoted below. Bar charts
show the mean synapse density of non-tripartite and tripartite synapses at 8W, averaged
across all laminae for simplicity (N=4 SOD1%%4, N=5 Control). C) Heat maps showing
% change in density of non-tripartite (left) and tripartite (right) synapses in SOD1%%3A
animals relative to controls at 12W. Statistical significance is denoted below. Bar charts
show the mean synapse density of non-tripartite and tripartite synapses at 12W, averaged
across all laminae for simplicity (N=5 SOD1%%4, N=4 Control). D) Heat maps showing
% change in density of non-tripartite (left) and tripartite (right) synapses in SOD16%A
animals relative to controls at 16W. Statistical significance is denoted below. Bar charts
show the mean synapse density of non-tripartite and tripartite synapses at 16W, averaged
across all laminae for simplicity (N=5 SOD1%%**, N=5 Control). NOTE: Tissue
generation, method development, immunohistochemistry and analysis performed by
Calum Bonthron and Dr. Matthew Broadhead. Figure adapted from Broadhead and
Bonthron et al., 2022.

185



by 12W (F(1,56)=4.774, P=0.0331) (see Fig. 29C). Again, this was not accompanied by any
differences between genotypes within individual laminae when multiple comparisons testing
was conducted (P: L1/2=0.99, L3/4=0.82,L5>0.99, L6 =0.89, L7=0.99, L8 =0.91, L9
>0.99 and L10 = 0.99). Finally, at 16W, there was a greater reduction in EAAT2 tripartite
synapses (F(1,64)=23.58, P<0.0001) (see Fig. 29D). Consistently, there were no differences
in tripartite density between genotypes within individual laminae (P: L1/2 = 0.56, L3/4 =
0.45,1L.5=0.94,L6=0.33,L7=0.85,L8=0.67, L9 =0.42 and L10 = 0.12). When female
SOD15%%A animals were assessed at 16W, we found the same selective loss of tripartite
synapses (F(1,88)=8.42, P=0.0046) (N=6 control, N=7 SOD1%%4), Non-tripartite synapses
meanwhile remained similar to controls (F(1,88)=3.48, P=0.066). Taken together, we see an
initial slight increase in tripartite synapse density, while at 16W we see a significant selective

loss. At all time points, non-tripartite synapses remained similar in number to controls.

Although EAAT?2 has been demonstrated to be a reliable PAP marker for visualising tripartite
synapses, reported downregulation of the transporter protein (Bendotti et al., 2001; Howland
et al., 2002) could represent a confounding variable when used to study the fate of tripartite
synapses in ALS. In order to be further confident we are seeing loss of tripartite synapses and
not just downregulation of EAAT2, we repeated our widescale tripartite mapping using the
structural PAP marker p-ezrin. Once again in SOD1°%%** and control males, we produced high
magnification hemi-sections that could be delineated into Rexed’s laminae. P-ezrin showed
an expected punctate expression, closely associating with VGLUT2-PSD95-eGFP synapses
(see Fig. 30A). Again, we first assessed non-tripartite synapse densities in SOD1%*A animals
at 8W, 12W and 16W. At all recorded time points, there was once again no signficiant
difference in synpase density versus controls (8W: (F(1,56)=2.236. P=0.14), 12W:

(F(1,56)=0.5631, P=0.46), 16W: (F(1,48)=2.424, P=0.13)) (see Fig. 30B,C and D). When
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Figure 30: A) Example images of 16W p-ezrin tripartite hemi-sections from Control
(SOD16%A--pSDY5-eGFP *) and SOD1%%4 (SOD1%%A*- PSD95-eGFP *-) mice, along
with zoomed sections. White arrows indicate tripartite synapses. B) Heat maps showing
% change in density of non-tripartite (left) and tripartite (right) synapses in SOD1%%A
animals relative to controls at 8W. Statistical significance is denoted below. Bar charts
show the mean synapse density of non-tripartite and tripartite synapses at 8W, averaged
across all laminae for simplicity (N=5 SOD1%%4, N=4 Control). C) Heat maps showing
% change in density of non-tripartite (left) and tripartite (right) synapses in SOD1%%3A
animals relative to controls at 12W. Statistical significance is denoted below. Bar charts
show the mean synapse density of non-tripartite and tripartite synapses at 12W, averaged
across all laminae for simplicity (N=5 SOD1%%4, N=4 Control). D) Heat maps showing
% change in density of non-tripartite (left) and tripartite (right) synapses in SOD16%A
animals relative to controls at 16W. Statistical significance is denoted below. Bar charts
show the mean synapse density of non-tripartite and tripartite synapses at 16W, averaged
across all laminae for simplicity (N=4 SOD1%%**, N=4 Control). NOTE: Tissue
generation, method development, immunohistochemistry and analysis performed by
Calum Bonthron and Dr. Matthew Broadhead. Figure adapted from Broadhead and
Bonthron et al., 2022.
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tripartite synapses were quantified using p-ezrin, we found no significant difference between
SOD15%%A and control animals at 8W (F(1,56)=0.2998, P=0.59) and 12W (F(1,56)=0.8332,
P=0.37) (see Fig. 30B and C, respectively). However, consistent with our EAAT?2 tripartite
dataset, we see a signficiant loss of tripartite synapses at 16W (F(1,48)=14.59, P=0.0004)
(see Fig. 30D). Again similar to our previous analysis, multiple comparisons testing revealed
this loss appears to be widespread, rather than localised to specific anatomical regions

(P: L1/2=0.55,L3/4=0.76,L5=0.93,L6 =0.84, L7 =0.79, L8 = 0.90, L9 = 0.98 and L10

=0.38).

Finally, quantification of tripartite synapses in female SOD1%%A animals at 16W also
demonstrated selective tripartite loss when using p-ezrin as our tripartite marker (Non-Tri
Syn: F(1,80)=0.19,P=0.66, Tri Syn: (F(1,80)=5.65, P=0.020) (N=6 control and SOD1¢%4),
Our consistent results from both EAAT?2 and p-ezrin datasets indicate that tripartite synapses
appear to be selectively lost in SOD1%%A animals, whilst non-tripartite synapses have similar
densities relative to controls. Interestingly at 16W when this loss is observed, we observed a
reduction in the density of both PAP markers (EAAT2: F(1,64)=11.31, P=0.0013, P-Ezrin =
F(1,48)=8.828, P=0.0046). Although EAAT2 downregulation has been noted in ALS,
concomitant loss of the structural marker p-ezrin suggests that PAPs themselves are being
lost at this stage of disease. In addition, although after symptom onset, our observed selective

tripartite vulnerability occurred before the overt loss of MNs.
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2.4. Selective Tripartite Synapse Loss is Present in ALS Post-Mortem Spinal

Tissue

Finally, we wanted to assess whether the selective vulnerability of tripartite synapses
observed in the SOD1%%** mouse model was also present in human ALS cases. Post-mortem
cervical spinal cord sections were immunohistochemically labelled using PSD95 and p-ezrin
to label PSDs and PAPs, respectively. Although not tagging all 3 components like previous
experiments, autofluorescence issues in the GFP channel restricted staining to 2 channels (see
Discussion). Therefore, this 2-channel stain was taken as a proxy for tripartite synapses. The
human tissue analysed included 6 healthy controls and 9 ALS cases, which consisted of 4
cases harbouring SOD1 mutations and 5 harbouring C9orf72 mutations. Controls and ALS
patients were aged-matched, with the mean patient ages being 57.2 years for controls, 54
years for SOD1 cases and 57.6 years for C9orf72 cases. PSD95 and p-ezrin, although slightly
noisier due to the nature of immunohistochemistry in post-mortem tissue, showed expected
punctate expression patterns, which frequently partially co-localised with one another and
were interpreted as tripartite synapses (see Fig. 31A). When PSD density was assessed, we
observed a significant decrease in ALS cases compared to control cases (t(13)=2.6, P=0.021)
(see Fig. 31B). As different genetic mutations have been linked to differences in disease
severity and survival, as well as SOD1 cases not showing classical TDP-43 pathology unlike
the vast majority of other cases (Mackenzie et al., 2007; Swinnen and Robbereccht, 2014),
we also chose to separately analyse our SOD1 and C9orf72 tissue. When this was done, we
found that only C9orf72 cases showed significantly lower PSD densities compared to

controls (F(2,12)=5.4, P=0.0214) (Control vs C9orf72: P=0.0167, Control vs SOD1: P=0.42).
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Figure 31: A) Example images of PSD95 and p-ezrin in post-mortem lumbar cervical
spinal cord sections. White arrows indicate association of PSDs and PAPs, interpreted as
tripartite synapses. B) Bar graph showing comparison of PSD density in control and ALS
cases, then divided into SOD1 and C9orf72 cases alone (Control: N=6, ALS: N=9,
SOD1: N=4 and C9orf72: N=5). C) Bar graph showing comparisons of non-tripartite
synapse (PSD95 alone) and tripartite synapse (PSD95 + p-ezrin) densities in control vs
ALS spinal tissue (Control: N=6, ALS: N=9, SOD1: N=4 and C9orf72: N=5). NOTE:
Method development conducted by Calum Bonthron and Dr. Matthew Broadhead,
adapted from Curran et al., 2021. Immunohistochemistry and analysis performed by Dr.

Matthew Broadhead. Figure adapted from Broadhead and Bonthron et al., 2022.
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Next, we separately analysed non-tripartite synapse (PSD95 alone) and tripartite synapse
(PSD95 + p-ezrin) densities. Consistent with our SOD1%%A mouse dataset, non-tripartite
synapse densities were not different between control, SOD1 and C9orf72 cases
(F(2,12)=1.787, P=0.21). However, we did again see a selective loss of tripartite synapses,
with C9orf72 cases showing a significant reduction in density compared to controls
(F(2,12)=8.163, P=0.0058) (Control vs C9orf72: P=0.0044) (see Fig. 31C). SOD1 cases once

again did not show this difference (Control vs SOD1: P=0.34).
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3. Discussion

As we found no evidence of pathological astrocytic modulation of synaptogenesis, we
hypothesised that astrocytes may instead have perturbed interactions with mature synapses at
the tripartite synapse. Widescale astrocytic dysfunction (Valori et al., 2014) including
involvement of proteins expressed at the tripartite synapse (Howland et al., 2002), in addition
to a large body of evidence demonstrating synaptic dysfunction (Hossaini et al., 2011; Ince et
al., 1995; Sasaki and Iwata, 1995) make investigating their interaction at the mature tripartite
synapse essential. In order to do this, we first had to reliably visualise the fine astrocytic
processes that envelope synapses, PAPs. Analysis of glutamate transporter EAAT2 at high
resolution in primary astrocyte cultures and spinal tissue showed a dense punctate expression,
which regularly associated with glutamatergic synapses. Another putative PAP marker, actin-
binding protein p-ezrin, was found at the cell membrane when visualised using gSTED
microscopy, as expected due to its reported expression only at fine motile membrane
extensions. P-ezrin was also regularly associated with synapses, and dye-labelling of EAAT2
and p-ezrin primary antibodies revealed substantial co-localisation of both markers, giving us
confidence that we were targeting PAPs. To validate this methodology of tripartite
visualisation, we used these markers to first characterise tripartite synapses in the healthy
spinal cord, revealing that astrocytic contact was associated with both larger PSDs and
greater GFP intensities at the PSD. This methodology could then be used to comprehensively
characterise tripartite synapses in ALS. We found that at 16W, SOD1%%A animals had a
selective loss of tripartite synapses using both EAATZ2 and p-ezrin as PAP markers, whilst
non-tripartite synapse densities remained similar to controls. Finally in ALS patient post-
mortem tissue, this selective vulnerability of tripartite synapses was also observed, suggesting

this is a conserved characteristic of ALS-related neurodegeneration.
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Both utilised PAP markers demonstrated astrocytic expression, as indicated by co-
localisation with glutamine synthetase and close association with glutamatergic synapse
markers VGLUT2 and PSD95. Not all synapses are contacted by astrocytes, however, with
56% of synapses observed being tripartite when imaged with EAAT2. PAPs dynamically
envelope and detach from synapses influenced by the activity of surrounding local circuitry
(Bernardinelli et al., 2014; Genoud et al., 2006). Other groups have found approximately
similar amounts of synaptic coverage by PAPs, reporting around 60% in the rat hippocampus

(Lavialle et al., 2011; Ventura and Harris, 1999), whilst in the cerebellum over 70% synaptic
coverage has been observed (Spacek, 1985). A number of factors affect estimations of

tripartite synapse frequency. There appears to be true biological variability between CNS
regions imaged, as well as variability as a result of the technique used to quantify them (EM
vs. immunohistochemistry). Such differences may even highlight differential expression
levels of certain PAP markers, for example, the proportion of synapses that were tripartite
when tagged with p-ezrin was approximately 14%. However, it should be noted that the
stringent criteria (binarised objects above certain intensity and size cut-offs) used to define
co-localisation in our analyses may have resulted in the exclusion of ‘true’ tripartite synapses.
This could be facilitated by variability of marker expression between individual PAP
structures. Irrespective of this, we noted, using dye-labelling of primary ABs, that EAAT?2
and p-ezrin showed considerable co-localisation, giving us confidence that we were imaging
the same structures. This is supported by previous reports of both markers being closely

apposed to synapses (Lavialle et al., 2011; Melone et al., 2009).

We next utilised our method of tripartite visualisation to initially characterise these structures
in the healthy spinal cord. Previous work heavily utilised EM to visualise tripartite synapses

(Lehre and Rusakov, 2002; Witcher et al., 2010), and led to many important findings
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including estimations of glial coverage in different CNS regions and preferential
envelopment of spines with certain size characteristics (Heller and Rusakov, 2017). However,
the laborious and time-consuming nature of EM limits the ability to image large numbers of
tripartite synapses. It is therefore much more practical to utilise other imaging methods, such
as fluorescence microscopy, to quantify large numbers of tripartite synapses and enable
characterisation across entire regions of the grey matter. This was desired, as ultimately, we
hoped to use our method to compare tripartite characteristics across anatomical regions in

ALS.

This initial utilisation of our tripartite imaging method led to the discovery that PSDs,
quantified using our PSD95-eGFP mouse, were both structurally larger and had an increased
GFP fluorescence intensity when contacted by PAPs. Fluorescence intensity of our GFP tag
is expected to linearly correlate with expression of PSD95, as each PSD95 molecule
expresses 1 GFP tag (see Chapter 4, Fig. 12) (Chiu et al., 2001). This increase in intensity
therefore reflects an increase in PSD95 concentration at the PSDs which are part of tripartite
synapses. As PSD95 is required for recruitment and binding of NMDARs and AMPARSs via
intermediate proteins (Hafner et al., 2015), it is conceivable that increasing PSD95
concentration at the PSD could lead to increased synaptic strength. In addition, we noted a
clear association between PSD size and synapse subtype, with tripartite synapses having
larger PSDs. Previous EM work supports this, showing larger, more complex PSDs are
associated with increased astrocytic envelopment (Ventura and Harris, 1999). At a nanoscale
level, PSD95 is actually organised into subdomains called nanoclusters (NCs), which are
conserved in size, with larger synapses simply consisting of increased numbers of NCs
(Broadhead et al., 2016). This is important, as synaptic size and therefore NC count, is

correlated with synaptic strength (Liu et al., 2017). Therefore, astrocytic contact at the
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synapse is associated with larger PSDs, which likely means tripartite synapses are greater in
strength, containing NCs of increased PSD95 concentration. It is unclear whether astrocytes
cause structural alterations of the PSD, or simply preferentially envelope larger synapses.
There is evidence, however, that the astrocyte-secreted protein hevin (involved in
synaptogenesis as described earlier), can directly influence expression of key PSD proteins,
including PSD95 and postsynaptic receptor subunits (Farhy-Tselnicker and Allen, 2018).
Together with evidence that the presence of PAPs at developing synapses is key for
postsynaptic alteration and maturation (Risher and Eroglu, 2020), in addition to astrocytes’
proposed involvement in cortical LTP induction, which involves significant postsynaptic
plasticity (Ota et al., 2013), it is conceivable that astrocytes may be able to directly modulate

postsynaptic structure.

Following its use in characterisation of tripartite synapses in the healthy spinal cord, we next
deployed our visualisation strategy to comprehensively analyse tripartite synapses in the
SOD15%%A model. We opted not to continue with the use of the COBAC500 model in our
tripartite analyses. As discussed previously, several other groups have reported a lack of
observable phenotypes in their C9BAC500 colonies (Mordes et al., 2020; Nguyen et al.,
2020), possibly as the result of housing environment affecting phenotypic penetrance. At no
point did we observe any motor symptoms in either our C9BAC500 or COBAC500 x PSD95-
eGFP animals, even when kept well into the 20-40W timeframe when ‘acute’ disease was
expected to develop (Liu et al., 2016). Early pilot data suggested a lack of any observable
synaptic phenotypes in C9BAC500 mice (data not shown), which are not exclusive to the
SOD1%%*A model and have been observed in others such as the TDP-43"31T model (Jiang et
al., 2019). Together, it was decided that the COBAC500 model failed to appropriately

recapitulate ALS and was excluded from future work.
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Our SOD1%%A colony did not show any evidence of drift in the time of symptom onset,
indicating that our transgene copy number was likely kept consistent. Such a reduction is a
concern in ALS studies, as copy number directly correlates to disease severity (Alexander et
al., 2004). Quantification of MN number revealed no loss at our latest 16W time point, a
finding that is consistent with other reports of MN loss in the SOD1%%A model (Feeney et al.,
2001). Mice are clearly phenotypic at this late stage however, as other contributors to muscle
dysfunction, such as NMJ degeneration, have been shown to occur much earlier than overt

MN death (Alhindi et al., 2021).

Tripartite mapping of SOD1%%A PSD95-eGFP spinal cords revealed a selective loss of
tripartite synapses at an early symptomatic timepoint of 16W, with evidence of loss in our
EAAT?2 dataset beginning at 12W. This 16W loss was consistent when using both EAAT2
and p-ezrin as PAP markers. This is important, as the use of p-ezrin helps to mitigate
concerns over loss of EAAT2 expression being a confound in disease, and provides
convincing evidence that the PAPs themselves appear to be lost in ALS. This is interesting,
as it could imply that the reported downregulation of EAAT2, thought to be due in part to
pathological cleavage of the functional transporter (Boston-Howes et al., 2006), may also

partially be due to loss of PAPs where this transporter is expressed.

This specific tripartite loss, however, was not focussed in ventral regions as may be expected.
Analysis of laminae-by-laminae tripartite densities indicated that there were small decreases
across all laminae rather than large decreases in specific anatomical regions. Due to the N
numbers that were practical to generate in a large-scale study, an overall decrease across all

regions was detected statistically, whereas small differences within laminae were not detected
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in multiple comparisons testing, likely due to a-value adjustment. Although some previous
work in post-mortem tissue has reported a bias towards ventral synaptic loss (Matsumoto et
al., 1996), widespread loss has also been noted (Ince et al., 1995). A lack of specific loss in
the medial and lateral motor pools (L8 and L9, respectively) is of particular interest, as a
number of papers report synaptic disruption directly onto MNs (Chang and Martin, 2009;
Schultz et al., 2005; Sunico et al., 2011). It may be the case that analysis of larger delineated
laminae, instead of specifically MNs, may have masked such an effect when looking at
tripartite synapses. However, as has been discussed before, disagreement in the field renders
MN synaptic changes inconclusive. We do not observe tripartite loss presymptomatically, as
has been the case with other synapse types such as NMJ degeneration (Alhindi et al., 2021).
Instead, this may represent a later consequence of disease progression that worsens the
function of spinal circuitry with age. Equally, there may be finer changes in tripartite
synapses that occur presymptomatically that we cannot detect with the use of our GFP tag.
Evidence of preferential astrocytic contact according to dendritic spine size (Heller and
Rusakov, 2017), in addition to previously noted spine abnormalities in ALS (Fogarty et al.,
2016), demonstrates that ultrastructural changes in tripartite synapses could occur in disease
that require higher resolution imaging techniques beyond the use of the PSD95-eGFP tag.
Also, it should be noted that this work specifically studies VGLUT2 +ve glutamatergic
tripartite synapses. Circuitry using other VGLUT isoforms, such as VGLUT1 +ve
mechanoreceptive afferents (Todd et al., 2003), should be further explored to see if tripartite
synapse loss is conserved. In addition, comparatively, inhibitory tripartite synapses receive
less research attention (Ishibashi et al., 2019), and further work to map their numbers
throughout disease progression would be informative to find out if this is a universal

phenomenon for all astrocyte-contacted synapses in ALS.
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Finally, we found that the selective vulnerability of tripartite synapses was also observed in
spinal sections from human ALS patients. Difficulties in human CNS immunohistochemistry
have long been reported (Waldvogel et al., 2006). These include preservation delays
compromising tissue quality, and the prevalence of lipofuscin-based autofluorescence. This
study utilised a PSD marker (PSD95) and a PAP marker (p-ezrin), and omitted the use of a
presynaptic marker. This was due to autofluorescence issues encountered in our post-mortem
spinal tissue, particularly when using fluorophores within the GFP excitation spectrum, as
they appear especially bright (Teuscher and Ewald, 2018). We therefore decided to use
fluorophores with longer wavelength excitation spectra to reduce this issue, limiting us to two

markers.

Interestingly, we only observed this tripartite loss in patients harbouring C9orf72 mutations,
and not those harbouring SOD1 mutations. Previous ALS frontal cortex work found no
differences in synaptic loss between C9orf72 and SOD1 cases (Henstridge et al., 2018).
However, it was suggested that more severe synaptic loss was associated with TDP-43
pathology, which SOD1 cases are known to lack. On the surface there is an apparent conflict
in our datasets, in which SOD1%%A mice show selective tripartite loss, whilst in post-mortem
tissue C9orf72 patients display this but SOD1 patients do not. However, limitations of the
SOD1%%A model have long demonstrated that there are differences between mouse lines
expressing exogenous ALS mutations, and the human cases they are attempting to
recapitulate. For example, TDP-43 pathology in SOD1%%A mice has been reported at end-
stage (Shan et al., 2009), while human SOD1 cases are known to lack this (Mackenzie et al.,
2007). SOD1%%A mice also show a rapid rate of disease onset, which does not align with
human SOD1%%4 cases which display a relatively slow progression (Picher-Martel et al.,

2016). It is clear therefore, that directly correlating mouse models with human cases
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harbouring similar mutations should be done with care. This does not render the SOD1%%A
mouse model useless, as its contribution to the understanding of ALS mechanisms is

substantial.

Although our mouse model and human cases show mutations associated with fALS, C9orf72
mutations are the most common genetic mutation found in both fALS and sALS. Together
with the fact that 3 / 5 of our C9orf72 patients had confirmed cases of SALS, our findings of
selective tripartite loss may be applicable to both forms of ALS. More data in a larger cohort

of specifically SALS patients would enable our results to be further extrapolated.

Although the mechanism behind tripartite loss is unknown, it could be the result of a number
of factors. First, as regularly reported, EAAT2 expression is reduced around symptom onset
(Bendotti et al., 2001; Howland et al., 2002). This has been suggested to be due to aberrant
RNA processing (Lin et al., 1998), as well as cleavage of the translated protein (Boston-
Howes et al., 2006). Loss of functional glutamate transporters at tripartite synapses could
specifically leave them vulnerable to excitotoxicity, synapse degeneration and subsequent
cell death. Observed tripartite loss also roughly coincides with previous observations of
EAAT?2 loss in the SOD1%%** mouse model (Bendotti et al., 2001; Bruijn et al., 1997). As our
study in healthy spinal tissue demonstrates, astrocytes are more likely to contact synapses
with larger PSDs, which ultrastructural work suggests are also functionally stronger (Liu et
al., 2017). These large, particularly active synapses which experience EAAT2 loss in disease
progression may be particularly vulnerable to degeneration. The effect of excess glutamate
present in the spinal circuitry could also be exacerbated by perturbed gliotransmission. As
discussed previously, elevated adenosine in the cerebrospinal fluid of ALS patients (Yoshida

et al., 1999), in combination with alterations in the excitatory Aza adenosine receptor (Ng et
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al., 2015), could worsen excitotoxicity. In such a scenario, lower EAAT2 expression causes
excess glutamate retention in the synaptic cleft, which subsequently promotes further
excitability via astrocyte-to-neuron bidirectional communication, ultimately causing synapse
loss and cell death. Our study points towards a potential target for therapeutic intervention,
therefore. As mentioned previously, upregulation of EAAT2 has shown some promising
results in ALS mouse models (Ganel et al., 2006; Rothstein et al., 2005). If these synapses
could be preserved, possibly through modulation of excitotoxicity, it could help reduce

degeneration of synaptic networks and thus improve function in early symptomatic ALS.

To conclude, we find a robust, selective loss of tripartite synapses in both our SOD1%%%4
mouse model and ALS patient post-mortem tissue. Astrocytic interaction with mature
synapses is therefore implicated in ALS pathogenesis, which could be the result of a number
of mechanisms including exacerbation of excitotoxicity, resulting in tripartite synaptic loss.
We conclude therefore that the tripartite synapse is a vulnerable fulcrum of disease in ALS,

and should be a target of future work to slow or prevent spinal circuit degeneration.
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Concluding Statements

Astrocytes are becoming increasingly implicated in neurodegenerative disease. In ALS,
multiple astrocytic disease mechanisms have been discussed. Secretion of toxic factors, ROS
production and a decrease in glutamate clearance are thought to induce MN death (Valori et
al., 2014; Zhao et al., 2020). In addition, there is a huge body of evidence demonstrating
synaptic pathology at different stages of disease progression and in different models of ALS
(Chang and Martin, 2009; Hossaini et al., 2011; Ince et al., 1995; Sunico et al., 2011; Zang et
al., 2005). We were therefore interested in looking at how astrocytes interact with synapses in
ALS, with the suggestion that their disease mechanisms may be intrinsically linked as a result

of the multiple ways glia and synapses interact.

First, as one of the prominent roles of astrocytes is their ability to promote synaptogenesis
(Risher and Eroglu, 2020), this represented the first way in which aberrant astrocyte-synapse
interactions may contribute to ALS. Spinal network hyperexcitability has been reported
(Jiang et al., 2009; Van Zundert et al. 2008), with the source of such excitability changes
being up for debate. One idea is that a shift in the ratio of excitatory : inhibitory synapses (E:l
ratio) throughout the pre-MN networks during development results in a ‘priming’ towards
excitation, which later facilitates excitotoxic cell death. Due to the synaptogenenic role of
astrocytes and their reported involvement in ALS, we wanted to investigate whether

perturbed synaptogenesis could drive E:l ratio shifts in disease.

To do this, we developed a novel postnatal primary co-culture system of spinal astrocytes and
neurons. This allowed us to investigate whether the genotype of astrocytes and neurons had
an effect on E:l ratios in a system where all synapses were severed during dissociation and

allowed to reform. Our methodology had several key advantages over classical

203



embryonically-derived culture protocols. This included reducing animal usage, avoiding
anaesthetic administration which can alter electrophysiological output (De Sousa et al.,
2000), is fast and simple, and allows neurons to be maintained for weeks enabling their use in
time course studies. We believe our validated methodology will be of use to the ALS field as
a whole. This is due to neurons being maintainable in vitro for weeks and the validation that
our cultures contain a subset of putative SMI 32 +ve MNs. Our model represents a good
alternative to embryonically derived protocols, where cells are intrinsically less mature at the

point of dissociation.

We next deployed our methodology using both SOD1%%4 x PSD95-eGFP and COBAC500 x
PSD95-eGFP crosses, whereby the genotype of both astrocytes and neurons were controlled
in order to assess the role of each in generating putative E:I ratio shifts. Combined with
synapsin and gephyrin as presynaptic and inhibitory postsynaptic markers, respectively, we
looked at E:l ratios across our genotype conditions. We found no structural evidence of E:l
ratio changes, irrespective of the genotype combination in our co-cultures. This was not
masking any parallel increases or decreases in excitatory / inhibitory synapse numbers, either.
In addition, SOD1%%A PSD95-eGFP spinal cords immediately after the main peak of
postnatal spinal synaptogenesis showed no evidence of E:I ratio shifts compared to controls.
Finally, in iPSC-derived MN / astrocyte cultures harbouring C9orf72 hexanucleotide repeat
expansions, we found no evidence of E:l ratio shifts or changes in the number of excitatory

synapses formed.

Together, we concluded there was no structural evidence that astrocytes drive non-cell
autonomous changes in synaptogenesis and cause E:I ratio changes early in ALS. Such a

developmental bias towards increased excitatory synapse numbers may present in a way not
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visible using our anatomical quantification methods, however. GABAergic transmission
switches from excitatory to inhibitory during the first-to-second postnatal week (Furukawa et
al., 2017; Jean-Xavier et al., 2007). Delays in the GABAergic switch could cause an early E:l
ratio shift, which would not be detectible in our studies. A future comprehensive analysis
looking at GABAergic reversal potentials, mMEPSCs / mIPSCs and KCC2 / NKCC1
expression in early SOD16%A spinal cords would reveal whether such a delay exists and

whether it is driving pathogenic excitability shifts in early ALS.

Astrocytes do not only interact with synapses during their formation, but they also interact
with mature synapses at the tripartite synapse. Astrocytes participate in a multitude of
functions at these structures, including glutamate clearance (Tani et al., 2014) and
gliotransmission (Broadhead and Miles, 2020). Considering these essential functions, in
addition to the knowledge that there is dysfunction at the tripartite synapse in ALS (Bendotti
et al., 2001; Howland et al., 2002), we aimed to investigate these structures throughout the
grey matter at different stages of disease. After validating 2 PAP markers (EAAT2 and p-
ezrin), we first used them to characterise tripartite synapses in the healthy spinal cord.
Interestingly during this process, we noted using PSD95-eGFP mice that PSDs which were
part of tripartite synapses were both structurally larger and had a greater concentration of

PSD95 at the synapse (increased intensity).

We next deployed our tripartite synaptic imaging process on SOD1%A x PSD95-eGFP
crosses at different stages of disease progression. This included at 8W (presymptomatic),
12W (early symptomatic) and 16W (early symptomatic w. weight loss). At all time points,
we saw no changes in non-tripartite synapse density in SOD1% spinal cords. Interestingly,

however, we consistently noted tripartite synapse loss throughout the grey matter at 16W,
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using both EAAT?2 and p-ezrin as our PAP markers. This implied that the decreased number
of these structures was not just reflecting EAAT?2 loss, but instead likely demonstrated loss of
tripartite synapses and their associated PAPs. Such loss occurred before overt MN loss. This
effect was replicated in ALS patient post-mortem spinal tissue, although interestingly only in

C9orf72 patients.

We conclude therefore that tripartite synapses may represent a vulnerable fulcrum of disease
in ALS. Previous studies looking at synaptic pathology failed to look at the interaction of
astrocytes at synapses, and our work demonstrates that future studies should consider the
tripartite sub-population in their analyses. As demonstrated in healthy spinal tissue, astrocytes
tend to associate with larger PSDs, which ultrastructural work suggests are also functionally
stronger (Liu et al., 2017). It may be that large, particularly active synapses that experience
EAAT?2 loss are particularly vulnerable to degeneration, and thus are those which are lost
during disease progression. In addition, potential perturbations in gliotransmission (Ng et al.,
2015; Yoshida et al., 1999), which acts to modulate the surrounding CPG network, could

exacerbate excitotoxic events.

Future work should consider tripartite synapses as a possible site of intervention to slow
neurodegeneration. Regulation of EAAT2 expression has shown some promising results in
mice (Ganel et al., 2006; Rothstein et al., 2005), however, as of the time of writing has not
successfully been translated to humans. These findings hopefully provide a starting point to
further explore the mechanisms behind tripartite synapse loss, and how interventions may

prevent this.
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